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Abstract

Structural basis for functional versatility in riboswitches

Caroline Wetherington Reiss

2018

Since the discovery of tRNA in 1957, it has been demonstrated in the literature

that RNA performs catalysis, uses cofactors, binds ligands with high affinity and stringency,

and can readily evolve new functions under selective pressure. The versatility of RNA is

exemplified by a class of riboswitches known as the ykkC RNA motif, which is a single

RNA scaffold that has evolved to bind multiple, dissimilar ligands. In my dissertation, I

present the structural basis of how this class of RNAs recognizes guanidine, phosphoribo-

syl pyrophosphate (PRPP), or guanosine tetra- and pentaphosphate ((p)ppGpp) with high

affinity and specificity through changes in only a few critical residues in the ligand bind-

ing pocket. The RNA uses a combination of altering the precise location of the binding

pocket and also manipulating a long-range base pair located in an S-turn motif to change

base pairing in the binding pocket, all while maintaining a similar overall structure. I also

present the structure of a second class of guanidine riboswitch known as the mini-ykkC

RNA, which has a dramatically different tertiary structure from the guanidine-I riboswitch.

This RNA utilizes the same types of interactions at the level of the binding pocket to rec-

ognize the guanidinium cation, but the overall structure is dramatically different. Finally,

I present data suggesting that the specificity of the ZMP/ZTP riboswitch for Z nucleotides

over adenosine nucleotides is partially accomplished through the use of the binding pocket

magnesium ion. Together, these data showcase the versatility of RNA.
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1 Introduction

1.1 Functional RNAs and the importance of structure

The “central dogma” of molecular biology, first described by Francis Crick in 1958, de-

scribes the flow of information into function [1]. DNA, which stores genetic information,

is transcribed into messenger RNA, which is translated into proteins. The central dogma is

inaccurate by omission, since it presents protein as the only functional polymer and makes

RNA out to be simply the messenger.

Transfer RNA (tRNA) was the first functional RNA identified not in complex

with a protein. It was shown to be an intermediate in protein synthesis in a set of experi-

ments showing that, during translation in a system with free [14C]-leucine, a soluble RNA

could be isolated containing the 14C label. This labeled leucine would then transfer from

the RNA to the protein being newly synthesized [2; 3]. After the discovery and sequencing

of tRNA, a number of labs dedicated themselves to determining the structure of tRNA. In

1965, the cloverleaf secondary structure of tRNA was first predicted [4; 5]. In the 1970s,

two labs published the crystal structure of yeast phenylalanine transfer RNA [6; 7; 8]. These

structures showed for the first time the intricate three-dimensional structure of a functional

RNA to atomic resolution.

These structures began the process of changing the way science thought about

RNA structure and function. Unlike the comparatively plain duplex structure of DNA,

RNA forms not only canonical basepairs, but also specific and complex tertiary interac-

tions. In the case of tRNA, the secondary structure predicted through base pairing and

biochemical data was correct, but this secondary structure also folded onto itself to form
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Figure 1.1: Comparison of yeast phenylalanine tRNA secondary structure to tertiary struc-
ture [7]

tertiary structure. I’ve displayed the secondary and tertiary structures of tRNA next to each

other, as they were depicted in 1974, to illustrate the information gained from the crystal

structures (Figure 1.1). Notice that the helices are arranged in a way that is still impossible

to predict through bioinformatic methods. The central dogma paints RNA as simply the

messenger in between code and function, but the tRNA structures (1) made it obvious that

RNA could adopt a complex structure and (2) lended a structural explanation to how RNA

functioned independently of protein. In this case, tRNA was acting in concert with other

machinery, including the ribosome, to perform protein translation, a process central to life

for all organisms.

Since the structure of tRNA was solved, numerous other functional RNAs with a

huge variety of activities have been identified or created in the laboratory. In 1981, a land-
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mark paper by Cech et al. demonstrated that an intervening sequence in the Tetrahymena

ribosomal precursor RNA could splice itself out of the RNA and form a circular product in

the complete absence of protein [9]. Just one year later, Kruger et al. from the Cech lab

would used the word “ribozyme” for the first time, defining it as “an RNA molecule that

has the intrinsic ability to break and form covalent bonds” [10]. Next came RNase P, which

processes precursor tRNAs [11; 12]. The following years were a boom in functional RNA

discovery, with current known examples ranging from small RNAs like the hammerhead

ribozyme to massive ribonucleoprotein complexes with RNA active sites, like the ribosome

[13].

1.2 RNA evolvability as a requirement of the RNA world

The discovery of functional RNAs led to the RNA world theory, which is an early-life

theory positing that, before our current world of DNA, RNA, and protein, RNA performed

the functions of all three [14; 15; 16; 17]. Although it is difficult to know whether RNA

came before protein and DNA, we can speculate on the plausibility of this hypothesis based

on what we know about RNAs that exist today. For an early RNA to propagate and evolve

in a Darwinian fashion, it must have experienced a cycle of replication, mutation, and

selection. Although an early RNA could not have evolved without mutation and selection,

it must have experienced sufficiently robust (i.e. high fidelity) replication, or else it would

face functional degeneration due to the rapid accumulation of mutations. This concept

has been explored computationally in studies showing that mutation and fidelity would

need to strike a balance in order for an early RNA to be successful [18; 19]. Structured
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RNAs may have an advantage if they can tolerate mutation without negative functional

effects, since they can explore a larger sequence space with neutral phenotypic effects,

possibly allowing the RNAs to stumble upon new or improved function [18; 19; 20]. This

has been referred to in the literature as “evolvability” [20; 21; 18; 19]. Computational

approaches aside, the evolvability of RNA has been demonstrated many times over in the

laboratory using in vitro evolution experiments. Ribozymes made by in vitro evolution

include RNA-dependent RNA polymerases [22; 23] and self-replicating RNAs [24], which

demonstrate the plausibility of the RNA world theory. Systematic evolution of ligands

by exponential enrichment (SELEX) has been used to evolve RNA aptamers that exhibit

high affinity binding to many ligands, including T4 DNA polymerase (Kd as low as 12

nM), theophylline (Kd = 100 nM, 10,000-fold selective over caffeine), and serotonin (Kd

as low as 1.2 mM) [25; 26; 27]. These RNAs can be selected from a random pool or from

an existing RNA scaffold. RNAs evolved from a scaffold appear to maintain their overall

tertiary structure and mutate nucleotides in the binding pocket [26; 27]. The evolvability

of RNA has also been observed in nature. Much of my dissertation seeks to compare

three-dimensional snapshots of structurally- or functionally-related RNAs to understand

how RNA achieves evolvability at atomic-level resolution.

1.3 Introduction to riboswitches

Riboswitches are conserved regulatory RNAs that typically exist in the 50 untranslated re-

gion of genes, mainly in bacteria [28; 29]. They alter the expression of gene(s) downstream

in response to a small molecule ligand or ion in a concentration-dependent manner. They
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have two main components: the aptamer and the expression platform. The aptamer is

highly conserved and exhibits complex structure, which serves to specifically recognize

the small molecule ligand [30; 31]. The ligand is usually a central metabolite, a signaling

molecule, or a toxin. Examples of these include coenzyme B12 (AdoCbl), flavin mononu-

cleotide (FMN), the nucleobases guanine and adenine, glycine, S-adenosylmethionine (SAM),

5-aminoimidazole 4-carboxamide mono- or triphosphate (ZMP/ZTP), cyclic-di-GMP, the

fluoride ion, and the guanidinium cation [32; 33; 31; 34; 35; 36; 37; 38; 39; 40]. The expres-

sion platform is less conserved and it propagates ligand-induced changes in the structure

of the aptamer, often through helical switching, which subsequently causes a change in the

expression level of the downstream gene(s). The ligand is generally related to the down-

stream gene(s). Riboswitches with a single aptamer and single expression platform can

either be ON switches or OFF switches. In an ON switch, gene expression increases in

the presence of increasing ligand concentration. For example, the fluoride riboswitch turns

on the expression of genes coding for fluoride channels in response to increasing fluoride

ion concentrations, which relieves the toxic build-up of the fluoride ion in bacterial cells

[38; 41; 42]. In an OFF switch, gene expression is reduced in the presence of increasing

ligand concentration. For example, the guanine riboswitch turns off the expression of genes

coding for xanthine import and phosphoribosylation as well as de novo purine biosynthe-

sis in response to increasing concentrations of guanine. Tandem riboswitches have more

complex switching depending on the type of logic gate employed [43; 44; 45]. The two

most common mechanisms of riboswitch regulation occur at the level of transcription and

translation [31; 46; 47].
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1.3.1 Transcriptional control by riboswitches

In a transcriptional riboswitch, the expression platform contains a terminator stem, which

is a long (� about 8bp), GC-rich helix that causes RNA polymerase to pause. A run of

uridines immediately following the terminator stem destabilizes the duplex of template

DNA and newly transcribed RNA, causing the paused RNA polymerase to fall off, termi-

nating transcription [48; 49]. Intrinsic termination is sometimes facilitated by the protein

factor, NusA, especially in cases with imperfect terminator stems or interrupted U-tracts

[50; 51; 52; 53; 54]. Ligand binding in the riboswitch aptamer domain induces helical

switching to either destabilize formation of the terminator stem (ON switch) or stabilize

formation of the terminator stem to cause attenuation (OFF switch) [28; 55; 30; 46; 47]. A

generic example of a transcriptional ON switch is shown in Figure 1.2A.

1.3.2 Translational control by riboswitches

In a translational riboswitch, the Shine-Dalgarno (SD) sequence plays an important role

[33]. The Shine-Dalgarno sequence is a short, purine-rich sequence in bacteria (consensus

sequence AGGAGG) that base pairs to the pyrimidine-rich sequence near the 30 end of 16S

ribosomal RNA. The SD sequence sits approximately 8 nucleotides upstream of the AUG

start codon. Through base pairing with the ribosome, the SD sequence helps recruit the

ribosome for translation and plays an important role in translation intiation [56; 57]. The

expression platform of a translational riboswitch can switch between two states, one where

the SD sequence is accessible and one where it is sequestered [33]. In ON switches, the SD

sequence is normally sequestered (default OFF). Ligand binding induces helical switching
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to make the SD sequence accessible. In OFF switches, ligand-induced helical switching

causes the sequestration of the previously accessible SD sequence (default ON). In this

mechanism of control, riboswitches affect translation from an mRNA that has been tran-

scribed [33; 47]. A generic example of a translational ON switch is shown in Figure 1.2B.

1.4 Riboswitch variants

Riboswitches are grouped into classes based on conservation within the aptamer domain.

The aptamer structure acts as a conserved recognition motif for the ligand, so it is tempting

to think of a single riboswitch class as corresponding to a single ligand. However, this is

often not true. A riboswitch variant is a subtype of a conserved motif that utilizes the same

structural scaffold to change gene expression through helical switching, but with altered

ligand specificity [58].

Variant riboswitches are the result of divergent evolution. The structural elements

of the aptamer remain the same, but nucleotide(s) in the binding pocket have been changed,

resulting in a change in ligand specificity. Variant riboswitches do not exist upstream of

the same genes that the main subtype does, rather the genes downstream are related to

the new ligand. Variant riboswitches exemplify RNA evolvability, since they represent

the acquisition of new function through minimal mutations. The RNA retains the same

overall fold, but as a result of mutation and selection pressure, it gains a different specificity

and controls different genes. The shape of the fitness landscape for a particular motif

determines the number of mutations required to recognize a new ligand with high affinity

and stringency, suggesting that specific motifs may be quicker to adapt than others.
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Figure 1.2: A. A generic example of an ON switch functioning at the transcriptional level,
where there is a single aptamer domain and a single expression platform. Binding of the
ligand (blue hexagon) to the aptamer disrupts the formation of the terminator stem by stabi-
lizing a mutually exclusive, alternative helix (pink bars), allowing transcription to proceed.
B. A generic example of an ON switch functioning at the translational level, where there is a
single aptamer domain and a single expression platform. Binding of the ligand (green pen-
tagon) to the aptamer disrupts the formation of a helix that sequesters the Shine-Dalgarno
(SD) sequence by stabilizing a mutually exclusive, alternative helix (pink bars), which
frees the Shine-Dalgarno sequence to participate in ribosome recruitment and initiation of
translation of the downstream gene.
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1.4.1 The purine riboswitch: the first case of a riboswitch variant class

One of the very first classes of riboswitch identified was the guanine riboswitch, published

in 2003 [28]. In the genome of Bacillus subtilis alone, five different transcriptional ri-

boswitches adhering to this RNA motif were found. Together, they controlled 17 genes

related to purine biosynthesis and transport. Just one year later, Mandal et al. demonstrated

that some examples of the guanine riboswitch class actually rejected guanine as a ligand.

Instead, these examples bind adenine with high nanomolar affinity. The only difference in

conservation between the guanine and adenine riboswitch sequences occurs at position 74.

In guanine riboswitches, this position is a C; in adenine riboswitches, it is a U. Mandal et

al. speculated that the C in guanine riboswitches formed a Watson-Crick base pair with

the ligand and that a specificity switch was achieved by altering this to a U, which would

base pair with adenine [34]. Future crystal structures confirmed this hypothesis [59]. Ad-

ditionally, the switches had a different logic: guanine binding triggered the formation of a

transcription terminator stem (OFF switch), while adenine binding excluded transcription

terminator stem formation (ON switch). This is consistent with the genes downstream:

guanine controls genes related to purine biosynthesis and import while adenine controls

genes related to purine efflux. Presumably, one of these two riboswitches evolved first and

a bacteria was able to repurpose the same scaffold to detect a different ligand in an exam-

ple of divergent evolution. The ability of this RNA element to detect two different ligands

with specificity using only a single mutation was the first published example of riboswitch

evolvability, albeit through a simple change in Watson-Crick base pairing.
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1.4.2 Other riboswitch variants

Since the discovery of the purine riboswitch, a large number of riboswitch variants have

been identified. Another example is the cyclic-di-GMP riboswitch, which recognizes the

bacteria second messenger, cyclic-di-GMP and controls a variety of genes related to the

cell’s lifestyle, including many implicated in virulence [37]. A subset of these riboswitches

were discovered to bind cyclic-GMP-AMP and reject cyclic-di-GMP due to a G20A mu-

tation that alters specificity at the a site [60; 61; 62]. In 2017, a pipeline was described by

Weinberg et al. to search for these variants and they reported a number of novel variant

classes [58]. They searched for riboswitch variants using the following three criteria that

are characteristic of a riboswitch variant:

1. Sequence alignments: to locate variable positions

2. Atomic-resolution crystal structures: to determine which bases contact the known

ligand

3. Genes located downstream: to identify correlations between gene context and se-

quence variation

This pipeline identified known examples of riboswitch variants in addition to uncovering

new variant subclasses found within the purine, glycine, cyclic-di-GMP, FMN, and Ni/Co

riboswitch classes. These variant subclasses all reject the ligand of the main subclass. In

the case of a new purine riboswitch variant, Weinberg et al. saw conformational changes

induced by 20-deoxyguanosine in a ligand-dependent manner. These data demonstrate that

riboswitch variants are common and hint at the natural plasticity of RNA.
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1.5 Some riboswitch classes respond to the same ligand

Riboswitch variants show that the same RNA scaffold can modestly mutate to respond to a

different ligand. On the other hand, riboswitches of entirely different structures have also

convergently evolved to recognize the same ligand. This phenomenon is most impressive

in the S-adenosylmethionine (SAM) riboswitches, of which there are six published classes

[63; 64; 36; 65; 66; 67; 68]. SAM is one of the most common enzyme substrates in life and

is involved in a massive number of biochemical processes, including methionine and cys-

teine metabolism, DNA restriction, and polyamine synthesis [69]. SAM is also compelling

as a possible substrate for the last universal common ancestor (LUCA), since it is ubiqui-

tous throughout life and chemically resembles a nucleotide [69]. For these reasons, it makes

sense that SAM would be recognized by multiple different, widespread riboswitches. Some

SAM riboswitch structures share similarities in their conserved core (e.g. SAM-I and

SAM-IV), but it does not appear that they are phylogenetically related, making the SAM

clan a robust example of convergent evolution in riboswitches [70; 71; 72; 73]. SAM is not

the only ligand for which multiple classes of riboswitch have evolved. Others include S-

adenosylhomocysteine (2 classes if you include the SAM/SAH riboswitch), cyclic-di-GMP

(2 classes), pre-Q1 (3 classes), 20-deoxyguanosine (2 classes), magnesium (2 classes), and

guanidine (3 classes) [74]. For this to be a common occurrence, RNA must be capable of

finding many unique solutions to the same problem. In many cases, these RNA structures

are dramatically different in fold, gene control mechanism, and stringency of ligand recog-

nition. These are examples of convergent evolution in riboswitches and they illustrate the

flexibility of RNA, which can use many different architectures to solve the same problem.
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1.6 Unpacking the versatility of RNA structure

In the past, sequence alignments and structural studies have been used to understand the

evolutionary relationships between proteins. Divergently evolved proteins, like those that

confer antibiotic resistance, were studied to determine how mutations could confer the

structural changes needed to recognize and degrade new antibiotics [75; 76; 77; 78]. Struc-

tural studies of convergently evolved proteins, like the serine proteases chymotrypsin and

subtilisin, uncovered that both proteins use the same catalytic triad, despite having different

overall protein folds [79]. I seek to perform this same, detailed unpacking of RNA by solv-

ing X-ray crystal structures of riboswitches related through divergent evolution (variants)

or convergent evolution (distinct structural classes that bind the same ligand).
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2 Structure of the guanidine-I riboswitch aptamer

This section is adapted from Reiss et al., 2017, an article published in the journal Structure

[80].

2.1 Background

The ykkC/yxkD RNA was first identified as a riboswitch by bioinformatics in 2004 [29].

It was dubbed an orphan riboswitch, because the ligand was unknown [29]. Ligand iden-

tification proved elusive for many years due to the wide variety of poorly studied genes

under its control [81]. Many of the genes downstream were transporter proteins, suggest-

ing that the ligand could be a toxic small molecule [40]. A precedent for this was the crcB

RNA, which was also found upstream of uncharacterized transporter proteins [38]. It was

eventually discovered that the crcB RNA bound the toxic anion, fluoride, which in turn

revealed that many of the downstream genes encoded fluoride ion channels, including Fluc

[38; 82; 41; 83; 42; 84]. In order to identify the ligand of the ykkC RNA, Nelson et al.

screened approximately 2,000 toxic compounds and growth conditions for expression of a

lacZ reporter under riboswitch control. The only condition that induced reporter expres-

sion contained guanidine hydrochloride. This screen and subsequent testing by additional

reporter assays, in-line probing, and transcription termination determined that guanidine

induced gene expression through direct binding to the ykkC RNA motif with micromolar

affinity [40]. Nelson et al. also showed that the ykkC RNA was specific for guanidine over

guanidino-containing compounds, including agmatine and L-arginine. Although guani-

dine is a fragment within key metabolites like arginine, guanidine had not previously been
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linked to any metabolic pathway in bacteria, suggesting that there was more to learn about

guanidine biochemistry.

Genes associated with this riboswitch include genes annotated as urea carboxy-

lases, urea carboxylase-associated proteins, and a variety of transporters, including mul-

tidrug resistance efflux proteins [40]. The guanidine riboswitch exists in the 50 untrans-

lated region of these genes. Nelson et al. examined a gene from Oleomonas sagaranensis

previously characterized as a urea carboxylase, yet the catalytic efficiency is 40 times bet-

ter for guanidine than urea, suggesting that it is a guanidine carboxylase that has been

mis-annotated as a urea carboxylase. The product of the reaction catalyzed by guanidine

carboxylase is carboxyguanidine, which is in turn suspected of being the actual substrate

for genes annotated as allophanate hydrolases that are controlled by the riboswitch (these

would then be carboxyguanidine hydrolases). They also investigated a transporter (anno-

tated as a SugE protein) in Clostridiales controlled by the guanidine-I riboswitch. They

found that intrinsic fluorescence of tryptophan residues increases in a guanidine-dependent

manner (Kd = 1 mM), providing preliminary evidence that this transporter specifically rec-

ognizes guanidine [40]. Very recently, Kermani et al. demonstrated that most members of

the small multidrug resistance (SMR) family of proteins are actually highly specific guani-

dinium/proton antiporters. They call them Gdx proteins, since they export guanidinium

from the cell [85]. Nelson et al. also demonstrated that guanidine binding to the aptamer

turns on gene expression in Bacillus subtilis and Desulfotomaculum ruminis. Transcription

termination assays in D. ruminis show that upregulation of gene expression occurs in a

guanidine-dependent manner via destabilization of a terminator stem [40]. This is compa-

rable to switching mechanisms used in other riboswitches (For review see [47; 31]. This,
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combined with data regarding downstream gene function, suggests that guanidine turns on

expression of genes that either enzymatically act on guanidine or transport it out of the cell.

To provide evidence that the riboswitch controlling these genes is specifically

recognizing guanidine rather than another guanidino-containing compound, I set out to

determine the crystal structure of the guanidine-I riboswitch bound to guanidine via X-

ray crystallography. Specific recognition of guanidine by the RNA poses a challenge be-

cause the ligand is a common functional group in many other metabolites. The binding

pocket must exclude larger guanidino-containing compounds while still maintaining suf-

ficient guanidine affinity. Arginine and agmatine both contain guanidino groups and are

present at mid to high micromolar concentrations in bacteria [86; 87; 88; 89]. These com-

pounds do not bind the riboswitch, suggesting they are excluded from the binding site [40].

The riboswitch also has no apparent affinity for urea, which is produced by the urea cycle

in bacteria and differs from guanidine by only a single functional group, where one amine

(C-NH2) in guanidinium is a carbonyl group (C=O) in urea [40].

The consensus motif for the guanidine riboswitch generated by bioinformatics

provided less structural information than usual due to a particularly high degree of sequence

conservation. Three helices, P1, P1b, and P2, were identified by covariation analysis. Of

the remaining 51 nucleotides (out of approximately 90-100 nt in the aptamer) that do not

exhibit covariation or form variable hairpins, 35 are greater than 97% conserved. The pre-

dicted secondary structure had a large, highly conserved internal loop between P1 and P1b

and a long, highly conserved tail at the 30 end of the RNA [40]. Such a high degree of con-

servation suggested that the riboswitch contained additional structural elements including

many sequence-specific tertiary interactions.
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2.2 Results

2.2.1 Structure determination of the guanidine-I riboswitch

I targeted the aptamer domain of the guanidine-I riboswitch from Sulfobacillus acidophilus

for crystallization. This riboswitch controls the expression of a protein annotated as urea

carboxylase-associated protein 2, though the gene may actually be a guanidine carboxylase-

associated protein. The crystallization construct includes 94 nucleotides from the native

sequence, plus an added G on the 50-end to aid in efficient transcription. The non-conserved

P1b helix (nt 23-26 and 30-33) was mutated from the wild type sequence CUAG/CUAG

to CGUC/GGUG to introduce a tandem GU wobble motif. This tandem GU motif is an

ideal binding site for iridium hexamine, a metal complex with anomalous signal for use in

structure determination [90]. Initial phases were generated using a three-wavelength MAD

dataset on a co-crystal of the riboswitch and iridium hexamine, a SAD dataset collected

on a co-crystal of the riboswitch and iridium hexamine, and a native dataset isomorphous

to the SAD dataset (Table 2.1). Three iridium hexamine sites were identified and used for

phasing. A model of the S. acidophilus guanidine riboswitch was built into the unbiased

density and refined using the high remote wavelength dataset from MAD collection.

2.2.2 Overall architecture of the S. acidophilus guanidine-I riboswitch

The structure of the guanidine-I riboswitch is dominated by a long continuous set of coax-

ially stacked helices that includes P1, P1a, P1b, and P2. The large internal loop between

P1 and P1b forms a helix, which I termed P1a, that extends the helical stack. An addi-

tional helix, P3, forms between conserved nucleotides in the extended tail at the 30 end
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(Å
)

0.
00

7
B

on
d

an
gl

es
(�

)
1.

81
5

18



of the sequence. Helices P1a and P3 were not previously identified by bioinformatics,

because the very high level of sequence conservation and limited canonical pairing pre-

vented conclusions based upon covariation analysis [81; 91; 92]. The P1a and P3 helices

form sequence-specific tertiary interactions, consistent with this high degree of conserva-

tion. The guanidine-I riboswitch consensus motif has been updated to reflect the secondary

structure observed in the crystal structure (Figure 2.1A,B). The secondary structure of the

crystallized construct and a ribbon diagram of the crystal structure are shown in Figure 2.1B

and C, respectively.

2.2.3 Guanidinium cation recognition by the riboswitch

The guanidine binding pocket is formed at an interface between the P3 and P1a helices.

Electron density for the guanidinium cation can be seen in the unbiased electron density

map initially generated from phasing (Figure 2.2A). After refinement, the modeled guani-

dine has similar B-factors to the residues surrounding it.

The nucleotides surrounding the guanidine ligand are highly conserved. Only a

small tunnel is left solvent-accessible by the RNA and this is blocked by a metal ion that is

visible in the crystal structure (Sr-7) (Figure 2.2D).

The ligand is exhaustively recognized by the RNA. The pKa of guanidine is 13.6

[93] and under physiological conditions is present almost exclusively as the guanidinium

cation, which has three-fold symmetry and a positive charge stabilized by resonance (Fig-

ure 2.1D). The guanidinium has six hydrogen bond donors, two on each nitrogen. All

potential hydrogen bonds are satisfied by the RNA. Guanidinium donates hydrogen bonds

to three nucleotides, G45, G90, and G73, one nucleotide for each of its three edges. On one
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Figure 2.1: A. Updated consensus sequence of the guanidine-I riboswitch. Conservation
is indicated according to the key in the upper righthand corner of the consensus diagram.
B. Secondary structure of the guanidine-I riboswitch from S. acidophilus. Helices P1,
P1a, P1b, P2, and P3 are colored in green, orange, purple, pink, and navy, respectively.
Nucleotides circled in red directly contact the ligand via the base. C. Cartoon model of the
guanidine-I riboswitch crystal structure from S. acidophilus, where the helices are colored
as in part B. Guanidine is depicted as red spheres. D. Chemical structure of guanidine in the
cation form, which is stabilized by resonance and is the predominant form at physiological
pH.
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Figure 2.2: Binding pocket electron density and proposed contacts made by the ligand to
the riboswitch. (A) Unbiased electron density map contoured at 1s. Color scheme is the
same as in 1B and C. For guanidinium, carbon is white and nitrogen is blue. (B) Top-
down view of the binding pocket. Black dashed lines represent hydrogen bonds. The green
dashed lines represent two mutually exclusive H-bonds. Oxygen atoms are represented in
red and nitrogen in blue. (C) A side view of the binding pocket showing two guanines
sandwiching the guanidinium ligand. (D) Guanidinium binding cavity. Guanidinium is
shown in the sphere representation using the same color scheme as in A. The grey sphere is
a strontium ion in the crystal structure. The pink mesh is a surface view of the riboswitch,
including metal ions and excluding the ligand. (E) An S-turn involving two bases located
in the binding pocket. Guanidinium is shown in red. The dashed lines are two H-bonds
from guanidinium to G90. See Figure 2.3 for additional hydrogen bonding contacts.
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edge, the ligand donates two hydrogen bonds to the Hoogsteen face of G90 in the P3 helix

in a bifurcated manner. One amine donates to the N7 imino of G90 and another donates

to the O6 carbonyl oxygen. On the second edge, two hydrogen bonds are made between

the two guanidinium amines and the 50 bridging and pro-Rp non-bridging phosphate oxy-

gens of G73 (Figure 2.2B). The proximity of the positively charged guanidinium cation

and the negatively charged phosphate of G73 is also likely to provide an ionic stabilizing

effect on ligand binding. On the third guanidinium edge, two nitrogens are approximately

equidistant from the carbonyl oxygen of G45 (3.3 Å2 and 3.4 Å2). They could both donate

a hydrogen bond; however, they appear to be mutually exclusive of each other based upon

the narrow bond angle that would be formed between them (39.1�). I predict that both

are alternatingly sampled upon ligand binding (Figure 2.2B). Alternatively, since the lone

pairs on O6 may not be in the correct plane to accept the predicted hydrogen bonds, the

interaction with O6 may be mainly electrostatic.

In addition to hydrogen bonding interactions on the guanidinium edges, there are

also contacts with the top and bottom faces of the ligand. The guanidinium is positioned

to potentially engage in p-cation interactions with G72 and G88 (Figure 2.2C). In this

interaction, positively charged species form noncovalent interactions with the electron-rich

p orbitals of an aromatic system, like the purine bases [94]. The distances between the

guanidinium and the centers of the 6-membered rings in G72 and G88 are 4.1 Å and 4.3 Å

respectively. The j angles between guanidinium and the centers of the 6-membered rings

of each base are 21.0� for G72 and 44.5� for G88. The distances and angles are consistent

with cation-p interactions found in proteins and RNA [95; 96].

Surface models demonstrate that the guanidinium binding pocket is almost com-
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pletely enclosed (Figure 2.2D). A calculation of the solvent accessible surface area (SASA)

in PyMol shows that the SASA of guanidinium in complex with the riboswitch is 0.30 Å2,

compared to 62.68 Å2 of total surface area in solution. Expressed another way, 99.5% of

the guanidinium ligand is buried within the riboswitch. The surface model demonstrates

that there is little room in the binding pocket for anything larger than guanidinium to bind

(Figure 2.2D). There is a small pocket of extra space next to one guanidinium NH2 that

would potentially be large enough to accommodate one additional atom. Consistent with

this, methylguanidine, hydroxyguanidine, and aminoguanidine turn on expression in a B.

subtilis guanidine riboswitch reporter system, but it is a weak response relative to that of

guanidine [40]. The small size of the binding pocket supports the finding that other com-

mon metabolites containing guanidino groups, including arginine, are too large and are not

able to efficiently bind the riboswitch [40].

The architecture of the binding site is formed using an S-turn motif involving G90

and G88 (Figure 2.2E). This motif is characterized by two successive bends in the RNA

backbone, resulting in the eponymous “S” shape [97; 98]. A single base, in this case G88,

is oriented with the ribose in the reverse direction from the rest of the strand and adopting

a C20-endo conformation [97; 99]. This allows G88 to be positioned above the ligand to

form a putative p-cation interaction with guanidinium. Nucleotide G90 is positioned in the

normal orientation to hydrogen bond with the guanidinium. G89 is bulged out and forms a

Watson-Crick (WC) base pair with highly conserved C69, cinching the two strands of the

P3 helix together near the binding pocket (Figure 2.3A).

The nucleotides interacting with guanidinium form base-pairing networks with

each other and with other nucleotides in the P3 helix. G90 and G73 form a trans Watson-
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Crick/Hoogsteen base pair, which orients G90 and G73 to form their respective hydrogen

bonds with guanidinium (Figure 2.3B). G45 and A46 flip out from helix P1a and insert

into P3 (Figure 2.3C). The 20-hydroxyl of A46 forms a single hydrogen bond with a non-

bridging phosphate oxygen on C71, which likely plays a role in stabilizing its position in the

P3 helix (Figure 2.3C). G45 forms a sugar-edge/sugar-edge base pair in the trans orientation

with A70 as well as a hydrogen bond between its N1 imino and the carbonyl oxygen of G72,

possibly to stabilize G45 in the flipped-out position (Figure 2.3D). A sheared base pair is

formed between A91, which stacks on G90, and G72 (Figure 2.3D). This positions G72 to

form the predicted p-cation interactions with guanidinium (Figure 2.2C). The N2 of G72

donates a hydrogen bond to the pro-RP non-bridging phosphate oxygen of G90.

2.2.4 Equilibrium binding analysis of binding site mutants

To further probe the importance of bases near the guanidinium, I used equilibrium dialy-

sis to measure the Kd for individual point mutants at four conserved residues within the

binding pocket (Figure 2.4). Under these conditions, the guanidinium (a chaotropic agent)

is present in trace amounts, eliminating the possibility of denaturing effects on the RNA.

The wild type S. acidophilus guanidine riboswitch and the crystal construct with an engi-

neered iridium hexamine binding site have an equilibrium binding affinity of 20 mM, which

is comparable to the affinity measured by in-line probing for guanidine-I riboswitches from

other bacteria [40]. In contrast, G45A and G90A both exhibited less than 10% binding at

the highest RNA concentration possible in the assay. This corresponds to binding defects

of more than 100-fold. Mutation of either G45 or G90 is predicted to disrupt a hydro-

gen bond between a guanidinium NH2 and a carbonyl oxygen on the RNA base. I also
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Figure 2.3: Base pairing network surrounding the guanidinium binding pocket. (A) View
of the C69-G89 base pair relative to the guanidinium. G89 is located within the S-turn.
The color scheme is the same as in 1B and C. (B) Base pair between G73 and G90, which
both interact with guanidinium. (C) Hydrogen bonding network involving G45, A46, C71,
and G72. (D) Hydrogen bonding network involving A70, G45, G72, and A91 (same POV
as 1C with different nucleotides shown).
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measured binding to the G72C mutation to explore the effects of possible cation-p interac-

tions. G72C showed less than 10% binding at the highest concentration range tested. The

A46C mutant showed a 40-fold binding defect, consistent with the structural observation

that guanidinium H-bond donors are too distant to form strong hydrogen bonds with the

N1 of A46 (3.5 Å).

2.2.5 Tertiary interactions and metal ions observed

The main tertiary contacts within the aptamer are formed by docking the P3 helix into P1a,

an interaction that is critical for creating the binding pocket. P3 specifically recognizes the

P1a minor groove through A-minor interactions. A highly conserved series of two base

triples and a base quadruple in P1a may open the minor groove, allowing contact with a

highly conserved run of A0s in the hairpin loop of P3. A81, A82, and A83 form A-minor

interactions with the P1a helix (Figure 2.5A and 4B). A81 and A82 form type II A-minor

interactions with G17 and G16, respectively, while A83 forms a type I A-minor interaction

with the G15-C42 base pair (Figure 2.5B).

Two highly conserved base triples and a highly conserved base quadruple distort

the P1a minor groove. To form internal base triples from only two RNA strands, a number

of nucleotides bulge out and reinsert into either the major or minor groove of neighboring

base pairs. The G22-C36 base pair in P1a (�90% conserved) stacks directly below the

C23-G33 base pair at the bottom of helix P1b (not pictured). U35 is flipped outward.

G34 (�97% conserved) bulges and re-inserts into the major groove of P1a. G34 forms a

base triple with the C21-G38 WC base pair (both �97% conserved) (Figure 2.5C). Non-

conserved nucleotide U37 bulges out and forms a weak dinucleotide platform with C36
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Figure 2.4: Binding affinity of [14C]-guanidinium to the wild type riboswitch and point
mutants by equilibrium dialysis. All point mutants are done in the background of the wild
type RNA. WT, G45A, G90A, A46C, and G72C are represented by closed diamonds, cir-
cles, squares, triangles, and inverted triangles, respectively. The crystal construct, which
contains an iridium hexamine binding site, is labeled “Ir.Hex. site” in the figure and repre-
sented by open diamonds. The data are fit to a hyperbolic curve. For the point mutants, Bmax

is constrained to 1.0 (see experimental procedures section for more information). Fraction
bound is shown with standard error bars with two replicates for each data point.
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Figure 2.5: Long-range tertiary interactions involving highly conserved bases. (A) Side
view of the highly conserved A patch (A80-A83) and adjacent bases (G15-G17) involved
in A-minor interactions. The color scheme is the same as in 1B and C. (B) Detailed view
of A-minor interactions between helix P1a and the A patch in P3. (C) Highly conserved
base triples and a base quadruple in helix P1a. (D) Strontium ions Sr-3 and Sr-7 in the
crystal structure coordinating P1a and P3 phosphate oxygens. Thin, black lines indicate
inner sphere coordination.
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(not pictured). The G39-C20 WC base pair (�97% conserved) forms a base triple with

U18 (�97% conserved), in which the primary amine of C20 donates a hydrogen bond to

the O1 of U18 (Figure 2.5C). U19 bulges into the minor groove and engages in a base

quadruple.

A base quadruple is formed by U40, G17, U19, and A80 (Figure 2.5C). U40 and

G17 engage in a pseudo-GU wobble with only one hydrogen bond between the N1 imino

of G17 and the O4 of U40. The O4 of U19 accepts two hydrogen bonds, one from the N3

imino of U40 and one from the primary amine of G17. The primary amine of G17 also

donates a hydrogen bond to the N1 imino of A80. This base quadruple is further stabilized

by stacking of U19 and A80. The set of base triples distorts the P1a helix, allowing a base

quadruple to form that specifically interacts with A80 to help anchor the A-rich hairpin

loop into the minor groove of P1a.

Two metal ions also appear to stabilize the tertiary docking of P3 into P1a. The

two metals (Sr-3 and Sr-7) facilitate the close approach of the phosphate backbones of the

two helices by coordinating between the non-bridging phosphate oxygens of G45, C86,

and C85 (Figure 2.5D). Both of these metal ions are Sr2+ in the crystal structure, since the

crystallization condition contains SrCl2. Under cellular conditions, we expect that these are

magnesium ions that make similar inner-sphere coordinations. One metal ion (Sr-7 in the

crystal structure) coordinates to the pro-SP oxygen of G45 (2.3 Å), the pro-SP oxygen of

C85 (2.3 Å), and the pro-RP oxygen of C86 (2.3 Å). The bond distances are consistent with

inner sphere coordination. The other metal ion (Sr-3) coordinates to the pro-RP oxygen of

G45 (2.3 Å) and the pro-SP oxygen of C86 (2.2 Å), again with bond distances consistent

with inner sphere coordination. The distance of Sr-3 to the pro-SP oxygen of A44 is 3.3
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Å suggestive of water-mediated coordination to this phosphate. As previously noted, Sr-

7 appears to close the guanidinium binding pocket, thus limiting the size of the ligand

(Figure 2.5D).
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2.3 Discussion

Compounds containing guanidino groups, including arginine and agmatine, are prevalent

in bacterial cells. In this environment, the guanidine riboswitch faces the challenge of

specifically recognizing guanidinium while excluding larger compounds with a guanidino

functional group. The riboswitch accomplishes this by recognizing every possible surface

of guanidinium, including all three edges and both faces, leaving almost no solvent-exposed

surface area around the ligand. One clear pattern in the recognition of guanidinium is the

presence of electronegative oxygen atoms in the binding pocket, which act as hydrogen

bond acceptors for the NH2 groups in guanidinium. The only non-oxygen hydrogen bond

acceptor interacting with guanidinium is the N7-imino on G90. Despite possessing a three-

fold axis of symmetry, the three identical NH2 groups in guanidinium are recognized in

an asymmetric fashion. Above and below the two-fold plane of symmetry, the recognition

is pseudo-symmetric. Guanine bases above and below guanidinium (G72 and G88) are

predicted to form pcation interactions. In protein-RNA interactions, the guanidino group

of arginine commonly interacts with RNA bases via p-cation interactions, suggesting that

the guanidinium ion alone could use the same mechanism of binding to RNA [95; 100; 96].

The residues involved in guanidine binding within the crystal structure are the same ones

that undergo a conformational change upon guanidine addition. In-line probing data shows

six nucleotides have reduced strand cleavage upon guanidine binding [40]. Four of these

nucleotides (G45, A46, G72, and G73 in S. acidophilus) are in the immediate vicinity of

guanidinium. The other two nucleotides are A70 and C71. As previously mentioned, A70

contacts G45, which directly contacts guanidinium. C71 forms a Watson-Crick base pair
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with G92 at the base of the P3 helix, suggesting that guanidine binding stabilizes the P3

helix.

Two distinct subtypes of the ykkC RNA have been identified [40]. Subtype 1,

which is the guanidine-I riboswitch presented here, is the most common. Subtype 2 does

not bind guanidine and is divided further into subclasses. Some of the ligands for the

subtype 2 subclasses are known and discussed in the next chapter. The two subtypes differ

at nucleotides 46, 72, and 88-91, all of which cluster in the binding site, further suggesting

that these nucleotides are crucial for specific recognition of guanidine in subtype 1 and

possibly rejection of subtype 2 ligands. Some subtype 2 variants also possess conserved 50

and 30 tails that are not conserved in subtype 1.

The P3 helix, which was not predicted by bioinformatics, is formed at the 30 end

of the riboswitch. This helix appears to be stabilized by guanidine binding and is most

likely where switching of gene expression occurs. A potential terminator stem in the S.

acidophilus riboswitch (Figure 2.6) includes nucleotides 84 through 94 of the aptamer.

Formation of this helix would sequester six nucleotides that are more than 97% conserved,

including G90 in the binding pocket and G89 in the S-turn. In the guanidinium-bound

state, nucleotides 84-94 form eight base pairs with other nucleotides in the aptamer, four

of which are canonical GC pairs. In the unbound state, assuming that the P3 helix does not

form, residues 84-94 could form eleven base pairs within the terminator stem, six of which

are canonical GC pairs. Guanidine-dependent switching is likely to occur by stabilization

of the P3 helix, allowing it to outcompete terminator stem formation in the presence of the

ligand. To test if the predicted expression platform is actually used during switching, future

studies with in vitro transcription termination could be performed to determine the site of
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termination. Mutations could also be made to destabilize the terminator stem followed by

compensatory mutations to rescue any defect, although this may be difficult due to the very

high degree of conservation in the switching region. The same mutation experiments could

be performed using a reporter system in bacteria to examine the switching mechanism in

vivo.

The structure of this riboswitch reveals the basis for specific binding of guani-

dinium to RNA. It also reveals two previously unpredicted helices, P1a and P3. Both of the

unpredicted helices form complex tertiary interactions crucial for riboswitch folding and

guanidinium recognition. P3 contains the binding pocket and a portion of the predicted ter-

minator stem, providing a possible mechanism for switching through stabilization of the P3

helix upon guanidinium binding. This allows guanidinium binding to modulate the expres-

sion of downstream genes through the riboswitch. The extensive and selective recognition

of guanidinium by the riboswitch provides further evidence that free guanidine is a bio-

logically relevant compound encountered by bacteria. Other biochemical data shows that

genes controlled by this riboswitch act on guanidine as a substrate or remove it from the

cell. Collectively, these data suggest that guanidine is biologically relevant compound in

bacteria whose concentration must be managed to avoid toxicity.

This structure also made sense of the consensus motif differences observed be-

tween subtype 1 and the subtype 2 variant riboswitches. Nucleotides that are different

between the two classes clustered around the binding pocket of guanidine, suggesting that

the variant RNAs bind a different ligand, but in the same area as the subtype 1 binding

pocket.
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Figure 2.6: Proposed secondary structure of the wild type Sulfobacillus acidophilus guani-
dine riboswitch in the absence of ligand. Thick blue lines indicate nucleotides that form
helix P3 in the ligand-bound state based on the crystal structure. Red-circled bases directly
contact guanidinium in the ligand-bound state. The base pair notation is the same as previ-
ously published (Leontis and Westhof, 2001). The AUG start codon for the controlled gene
is located 28 nucleotides downstream of the proposed terminator stem (not shown).
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3 ykkC RNA variants: structures of the PRPP and ppGpp

aptamers

This story was a close collaboration with Andrew Knappenberger in the Strobel Lab. An-

drew solved the PRPP riboswitch crystal structure and performed some of the biochemical

experiments. He and I participated equally in preparing the following story, which was

adapted from a manuscript currently under review (Knappenberger*, Reiss*, and Strobel,

under review).

3.1 Background

RNA has diverse functional capabilities, which has driven speculation that the first organ-

isms may have been RNA-based [47; 15; 17; 16; 101; 102; 14]. For this hypothesis to be

plausible, RNA must be adaptable; i.e., capable of acquiring new functions through muta-

tion. In the field of evolutionary biology, this trait is described as evolvability [103; 20].

Evolvability is the propensity of a system to produce a mutated genotype that yields a

beneficial phenotype under new selective pressures [104; 103; 18; 20]. Often, this occurs

through mutation of an existing gene through divergent evolution. For example, bacterial

b-lactamases demonstrate significant evolvability through mutations in the w-loop. This

loop determines substrate specificity, but mutation or outright deletion of the loop does

not dramatically affect the overall structure of the protein [105; 75; 76; 77]. This locus of

evolvability allows the protein to adapt to the selective pressures of novel antibiotics. The

concept of evolvability has also been studied in RNA, including a notable paper by Draghi
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et al. [19]. This study found that adaptation rate is hastened when the build-up of some

phenotypically neutral mutations occurs and the web of accessible phenotypes becomes

broad. The speed at which an organism adapts is determined by this, as well as the rugged-

ness of the fitness landscape, which is related to the number of mutations required to reach

a new fitness maximum.

Variant riboswitches yield insight into the evolvability of RNA. Riboswitch vari-

ants are naturally occurring riboswitches with a conserved overall fold but altered lig-

and specificity. Examples include the guanine/adenine riboswitches and the cyclic-di-

GMP/cyclic-GMP-AMP riboswitches [106; 28; 31; 107; 59; 108; 37]. Bioinformatic and

structural studies of the guanine/adenine and cyclic-di-GMP/cyclic-GMP-AMP aptamers

showed that the altered specificity occurs simply by changing base pairing between the

RNA and ligand. Recently, the ykkC RNA motif was identified as binding to multiple,

chemically dissimilar ligands, which makes this specific scaffold a compelling target for

structural studies of RNA evolvability (Sherlock et al., in press) [40; 45].

The ykkC RNA was discovered in 2004 and its ligand(s) remained unknown for

over a decade [29; 40]. In 2017, Nelson et al. published two pivotal discoveries regarding

this motif: (1) the majority of these RNAs bind specifically to the guanidinium cation and

(2) the ykkC riboswitch class can be divided into at least two subclasses. Subclass 1, which

has approximately 1500 known examples, is the major class now known as the guanidine-I

riboswitch. Subclass 2 was defined as all variants of this motif that do not recognize guani-

dine. The class 2 variants are overall quite similar to guanidine-I riboswitches. They retain

the same overall fold, but possess a few characteristic differences at nucleotides crucial for

guanidine binding. Notably, most of these differences are centered around a classic S-turn
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motif that forms the binding pocket of the guanidine-I riboswitch. A similar overall archi-

tecture with key differences in binding pocket nucleotides is a signature characteristic of a

riboswitch variant [58].

Variant ykkC RNAs (aka subtype 2 ykkC RNAs) are found upstream of a variety

of genes, although two major groups are apparent. One major group regulates amino acid

synthesis and transport genes, which are upregulated during the stringent response (Sher-

lock et al., in press). The other regulates de novo purine biosynthesis, which produces

purine nucleotides from smaller metabolites under conditions where intact nucleobases are

not available [45; 109; 110]. These riboswitches were designated as ykkC subtype 2a and

2b, respectively. When compared to guanidine riboswitches, subtypes 2a and 2b harbor

systematic changes to residues directly involved in guanidine binding, which led to the

suggestion that they may have different ligand specificity. For example, where guanidine

riboswitches have a conserved adenosine residue (A46 in the guanidine riboswitch), sub-

types 2a and 2b have a pyrimidine (C49 in the present study) [80; 40; 45] (Sherlock et al., in

press). For clarity, differences in conservation at this position and subsequently discussed

positions are summarized by subtype in Table 3.1. Sorting the entire ykkC class by the

identity at position 46/49 alone results in a strikingly complete segregation of guanidine-

related gene contexts from those that are incongruent with mitigation of guanidine toxicity

[40]. Alignment of subtype 1, 2a, and 2b sequences also shows an extension of conserva-

tion at both the 50 and 30 ends of the 2a and 2b aptamer subtypes. These key differences

in conserved residues and gene contexts suggested that these ykkC variants have altered

ligand specificity while retaining the same overall architecture [80; 40].
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Table 3.1: Summary of conservation in ykkC RNA subtypes 1, 2a, and 2b at key nucleotides

Conservation at position:*
Subtype Ligand Downstream genes 46/49 69/75 89/96
Subtype 1 Guanidine Guanidine carboxylases, guanidine transporters, etc. A C G
Subtype 2a (p)ppGpp de novo purine biosynthesis Y C G
Subtype 2b PRPP Amino acid synthesis genes and ABC transporters Y C N

*the position number in the S. acidophilus guanidine-I riboswitch aptamer is displayed
first [80], followed by the equivalent position number in the T. mathranii PRPP riboswitch
aptamer. Y indicates the position is conserved as a pyrimidine (C or U) and N indicates
the position does not display conservation.

Subtype 2a and 2b ykkC riboswitches do not retain the ligand specificity of their

parent riboswitch. Using transcription termination and in-line probing assays, Sherlock et

al. found that neither subtype is responsive to guanidine. Instead, subtype 2a is responsive

to guanosine tetra/pentaphosphate ((p)ppGpp, hereafter referred to as ppGpp), an alarmone

that regulates the stringent response [111; 112; 113]. Subtype 2b is responsive to phos-

phoribosyl pyrophosphate (PRPP), a precursor in purine biosynthesis. Like the guanidine

riboswitch, both function as ON switches. The consensus motifs for subtypes 2a and 2b

are remarkably similar to each other, even relative to other ykkC RNAs (Sherlock et al.,

in press) [45]. The most apparent difference is a highly-conserved guanosine (G96 in this

study) in subtype 2b that is not conserved in subtype 2a (Table 3.1). This residue is equiv-

alent to G89 in the guanidine-I riboswitch and is a conserved part of its S-turn motif. In

the guanidine-I structure, G89 flips out to form a Watson-Crick base pair with conserved

C69 (C75 in this study) [80]. Although bioinformatic data suggest that variation in G96

is central to the structural differences between subtype 2a and 2b riboswitches, its precise

role in this context remains uncertain.
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Unlike guanidine, the biological roles of PRPP and ppGpp are both well-documented.

PRPP is an activated form of ribose 5-phosphate, and a major macromolecular building

block of RNA [114]. It is a central metabolite used in biosynthesis of purine and pyrim-

idine nucleotides, the amino acids histidine and tryptophan, nicotinamide adenine dinu-

cleotide, thiamine diphosphate, flavins, and pterins [115; 116; 117]. The centrality of

PRPP within metabolism makes it an appealing target for regulation. ppGpp is an alar-

mone that initiates the stringent response, a global reaction to nutrient starvation in bacteria

[111; 118; 119; 120]. Amino acid starvation triggers synthesis of ppGpp and ppGpp binds

to a variety of effector molecules to initiate sweeping changes in the cell’s transcriptional

profile, including a reduction in tRNA and rRNA synthesis and transcription of amino acid

biosynthesis genes [118; 121; 122; 123]. Consistent with a role in the stringent response,

the ppGpp riboswitch turns on transcription of amino acid biosynthesis and transport genes

in response to alarmone binding (Sherlock et al., in press).

A common ancestral RNA likely diverged to recognize guanidine, PRPP, and

ppGpp in spite of the chemical and structural diversity among these ligands. PRPP and

ppGpp are more similar to each other than either is to guanidine, which reflects the greater

similarity in their aptamers (Figure 3.1). While guanidine harbors a single delocalized

positive charge, PRPP and ppGpp harbor multiple separate loci of negative charge. Guani-

dine is small and achiral with three-fold rotational symmetry, while PRPP and ppGpp are

larger, chiral, asymmetric molecules. PRPP and ppGpp both contain ribose sugars and

pyrophosphate moieties, but ppGpp has an entire guanine base that PRPP lacks. Bioinfor-

matic evidence suggests that the 2a and 2b aptamers represent an especially concise solu-

tion to a central biophysical problem: biologically relevant switching entails recognition

39



Figure 3.1: Chemical structures of guanidine, phosphoribosyl pyrophosphate (PRPP), and
guanosine tetraphosphate (ppGpp), which are the ligands for ykkC subtypes 1, 2a, and 2b,
respectively.

of a cognate ligand and rejection of structurally similar alternatives. We set out to deter-

mine how three RNA elements with a common scaffold could recognize such dissimilar

ligands with high specificity. Central questions include how a polyanionic macromolecule

differentially recognizes two distinct small polyanions, and how the presence or absence

of the guanine base changes the RNA’s recognition strategy. To address these questions of

molecular recognition by RNA, we report the atomic resolution structure of a native ykkC

2b riboswitch in complex with PRPP via X-ray crystallography. We also convert this con-

struct into a ppGpp-binding aptamer with a single G96A mutation and present the structure

of the mutant bound to ppGpp. The sequence of the G96A aptamer is consistent with the

consensus motif for native subtype 2a riboswitches. This structural and biochemical in-

formation reveals how the ykkC RNA differentiates between ppGpp and PRPP. This study

showcases the functional plasticity of RNAs and the evolvability of RNA function from a

single structural scaffold.
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3.2 Results

3.2.1 The structure of the wild type PRPP aptamer and a single point mutant ppGpp

aptamer

To understand the basis of ligand recognition by the PRPP riboswitch, we determined the

crystal structure of the aptamer domain of the ykkC 2b riboswitch from Thermoanaerobac-

ter mathranii at 2.5 Å resolution in the presence of its native ligand PRPP (Table 3.2).

PRPP is an activated metabolic intermediate. As a result, it is highly unstable. It degrades

on a time course of minutes to hours via several mechanisms in the presence of divalent

metal ions, acidic or basic pH, and/or elevated temperatures [114; 124; 125; 126; 127; 128].

However, binding to the PRPP riboswitch aptamer domain protects PRPP on a time scale

of hours to days (Figure 3.2). The stabilizing effect of the aptamer permitted crystals of the

intact complex to be observed after two days. Once formed, unfrozen crystals disappeared

after approximately five to ten days, underscoring the need for prompt crystallization and

cryogenic preservation in this study. This construct crystallizes in the presence of BaCl2, so

the divalent metal ions, including those associated with PRPP, are Ba2+ ions. The structure

was solved by molecular replacement using the guanidine-I aptamer as an initial model.

After model building and refinement, the model fit the data with an Rwork of 0.216 and an

Rfree of 0.253.

Like its parent aptamer, the PRPP riboswitch contains two adjacent helical stacks

(Figure 3.2.1). P3 forms a large portion of the binding pocket, and a conserved loop at the

end of P3 docks into P1a. This allows conserved nucleotides from P1a to participate in

ligand recognition. P1, P1a, P1b, and P2 together form one continuously stacked region
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Figure 3.2: Autoradiograph of a representative PAGE gel from dissociation constant de-
termination for the PRPP aptamer (see also Figure 3.6). The top band represents intact
PRPP and the bottom band represents degradation products. The leftmost lane is purified
PRPP, which has already experienced degradation. Each pair of lanes thereafter represents
one dialysis cassette. The concentration of aptamer added to the cassette in micromolar is
depicted above each pair. “L” is the side of the cassette to which PRPP ligand was initially
added. “R” is the side of the cassette to which RNA aptamer was initially added. After
overnight incubation at room temperature, material recovered from dialysis cassettes was
electrophoresed to separate intact PRPP from degradation products. PRPP incubated in the
presence of aptamer experienced significant protection relative to unbound PRPP, permit-
ting the use of this unstable metabolite in the present structural and biophysical studies.
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Table 3.2: X-ray statistics for the PRPP and ppGpp aptamers

RNA Wild type G96A mutant
Data Collection:
Beamline 24-IDE at APS 24-IDE at APS
Space group P 1 21 1 P 1
Unit cell:
a, b, c (Å) 34.0, 89.6, 136.4 53.3, 62.1, 125.9
a, b, g (�) 90.0, 96.9, 90.0 91.2, 89.6, 101.9
Wavelength (Å) 0.97918 0.97918
Resolution (Å) 40.00 - 2.49 40.00 - 3.10 (3.15 - 3.10)
Rmerge 0.100 (1.068) 0.100 (1.222)
I/sI 16.431 (1.27) 8.36 (0.67)
CC1/2 in highest-resolution shell 0.176 0.253
CC* in highest-resolution shell 0.547 0.635
Completeness (%) 97.0 (99.6) 93.7 (94.7)
Redundancy 3.6 (3.9) 2.2 (2.1)
Total Reflections 769056 49095
Unique Reflections 27671 28567
Refinement:
Resolution () 37.35 - 2.49 36.54 - 3.10
Number of reflections 26309 26642
Rwork/Rfree 0.216/0.253 0.248/0.304
Number of atoms:
Total 4545 9041
RNA 4418 8829
Ligand 44 144
Cations 31 39
Water 52 21
B factors:
Overall (Å2) 83.9 144.6
RNA (Å2) 84.1 145.3
Ligand (Å2) 73.9 123
Cations (Å2) 117.9 119
Water (Å2) 62.3 95.6
Root-mean-square deviations:
Bond lengths (Å) 0.0086 0.018
Bond angles (�) 1.827 1.852
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adjacent to P3. However, unlike the guanidine aptamer, the PRPP aptamer has structured

tails at the 50 and 30 ends that are not conserved in the guanidine riboswitch. The ends pair

to form an additional short helix that we have termed P0. P0 stacks with P3 and extends the

binding pocket for recognition of the larger PRPP ligand [129]. The overall architecture

of the PRPP aptamer reveals that it is a rather conservative adaptation of the guanidine

aptamer with key differences that allow for PRPP recognition.

Although PRPP is unstable in solution, it has high occupancy in this crystal struc-

ture. PRPP is modeled in with an occupancy of 1, and its B factors refined similarly to those

of nearby residues. The quality of the fit between the electron density data and this model

shows that a combination of protection by the riboswitch and a vast molar excess of ligand

permitted a high degree of aptamer saturation when data were collected.

PRPP is a potentially challenging ligand for RNA to recognize; it has three neg-

atively charged phosphate groups and lacks a moiety resembling a nucleobase. PRPP is

known to interact with two divalent metal ions per molecule in solution. The 5-phosphate

associates weakly with one metal and the pyrophosphate moiety more strongly coordinates

a second metal (see Thompson et al., 1978) [130]. In the current model, these two metals

are present in the complex with the riboswitch, suggesting that the mono- or dimetal com-

plex is the entity recognized in vivo (Figure 3.4A, B). One metal (M1) associates with the

5-phosphate, and the second metal (M2) associates with the pyrophosphate. Both metals

form contacts bridging PRPP and the RNA aptamer. A third metal ion, M3, is also near the

5-phosphate but is only coordinated by the aptamer. The three phosphate groups are major

elements of recognition via interactions with nucleobase amines and divalent metal ions.

The 5-phosphate of PRPP experiences recognition by a metal ion and the amino
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Figure 3.3: Overall structure of the PRPP riboswitch and its G96A mutant, which is a
ppGpp aptamer. (A) Consensus sequence of the PRPP riboswitch. The secondary struc-
ture has been updated to show structural information gained from the present study. The
sequence is depicted as in Sherlock et al. (unpublished) (see key). Nucleotides noted in
blue are important bioinformatic differences between PRPP riboswitches and guanidine
riboswitches. Base pair notation is as published by Leontis and Westhof. (B) Secondary
structure of the PRPP riboswitch aptamer from T. mathranii. Nucleotides are colored by
paired region. Labels for paired elements are indicated in bold. Sequence numbering is
indicated in gray. Nucleotides whose bases directly contact PRPP are circled in red. (C)
Crystal structure of the PRPP riboswitch. The RNA is depicted as a cartoon and PRPP is
depicted as purple spheres. Nucleotides are colored by paired region as in B. (D) Crystal
structure of the G96A mutant. The RNA is depicted as a cartoon and ppGpp is depicted as
green spheres. Nucleotides are colored by paired region as in B.
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Figure 3.4: The binding pocket of the PRPP riboswitch. (A) Crystal structure of the ligand-
binding site in chain A. PRPP is depicted as sticks and colored by element with purple
carbons. Nucleotides are depicted as teal sticks. Metal ions are depicted as gray spheres.
Individual nucleotides and metals are labeled. An Fo-Fc map contoured at 2.5s is shown
as a gray mesh. The map was calculated using an otherwise complete model lacking PRPP,
M1, and M2. (B) Ligand interaction map. The map is colored essentially as in A. All RNA
and metal contacts to PRPP are shown. Dashed gray lines indicate hydrogen bonds. Solid
gray lines indicate coordination to a metal ion.
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Figure 3.5: Notable contacts to the PRPP ligand. PRPP is depicted as sticks and colored
by element with purple carbons. Nucleotides are depicted as sticks and colored by element
with teal carbons. Dashed black lines indicate hydrogen bonds. A dashed green line shows
the lone pair-p interaction between A103 and G105. Solid black lines indicate coordination
to a metal ion. (A) Contacts among the 5-phosphate of PRPP, residues G48, C49, C77, and
metal ions M1 and M3. (B) Hydrogen bonds between the ribose of PRPP and residues C77,
G96, and G104. (C) Coordination of metal M2 by PRPP and residue G6. (D) Recognition
of the pyrophosphate group of PRPP by residues A5, G6, A101, and G105.
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groups of conserved nucleotides (Figure 3.5A). The N1 and N2 of G48 form hydrogen

bonds with two phosphoryl oxygens, while the N4 of C78 hydrogen bonds to the third

non-bridging phosphoryl oxygen. The 5-phosphate also coordinates M1, which is held

in place by coordination interactions with C77 and C49. The residue equivalent to C49

is conserved as an adenosine in the guanidine-I riboswitch, but is a pyrimidine in PRPP

and ppGpp riboswitches. The identity of residue 49 was used as a marker to distinguish

between these two variants [45]. The O6 of G48 coordinates M3, but M3 is too distant

from the 5-phosphate to be coordinated by it.

The ribose moiety of PRPP also makes extensive interactions with the RNA ap-

tamer (Figure 3.5B). The sugar face of G96 forms hydrogen bonds with the 2- and 3-

hydroxyl groups. The N4 of C77 donates a hydrogen bond to the ribose oxygen, and the

N1 group of G104 donates a hydrogen bond to the 2-hydroxyl group. These three residues

are all highly conserved in the consensus sequence of this aptamer. At 2.5 Å resolution,

conclusive determination of the ribose sugar pucker is not possible, but a C2-endo pucker

is the most likely conformation in this complex and it fits the electron density data well.

This conformation avoids a steric clash between the 2-hydroxyl and the b phosphate. It al-

lows for the 3-hydroxyl group to coordinate M2. This conformation is also consistent with

previously reported structures of PRPP in complex with macromolecules [131; 132; 133].

The P0 region of the aptamer extends below P3 and permits a suite of interactions

with the pyrophosphate group of PRPP (Figure 3.5C,D). The b phosphate of PRPP is more

extensively recognized than the a phosphate. The O6 of G6 coordinates M2, which forms

several interactions with the pyrophosphate group (Figure 3.5C). The observed coordina-

tion interactions are consistent with previously documented barium inner sphere coordina-

48



tion geometry [134]. The N6 group of the weakly conserved A101 (� 75% conserved as

a purine) contacts a non-bridging oxygen of the a phosphate (Figure 3.5D). The N6 group

of A5 and the N1 groups of G6 and G105 make direct contacts with non-bridging oxygens

of the b phosphate. An abrupt deformation in the local backbone conformation positions

A103 under G105, allowing a lone pair-p interaction to form between the O6 atom of G105

and the six-membered ring of A103 [135; 136; 137; 138; 139]. The present results show

that the PRPP aptamer recognizes its ligand through a shifted and extended helical ligand-

binding region, allowing for the retention of bound metal ions and extensive hydrogen bond

donation to phosphate groups.

Some of the conserved bases in the binding pocket only make one hydrogen

bond to PRPP. The hydrogen bond donors and acceptors not making contacts to PRPP

are involved in other hydrogen bonding interactions within the RNA that shape the binding

pocket.

The intracellular PRPP concentration in bacteria is estimated to be in the millimo-

lar range [114; 140; 141; 142; 143; 144; 145]. However, enzymes and protein regulatory

elements that sense PRPP concentrations in bacteria typically have micromolar dissocia-

tion (Kd) or Michaelis constants (KM) [114; 146; 147]. Sherlock and colleagues recently

found that the T50 (the ligand concentration that produces half-maximal effect) of a PRPP

riboswitch in transcription termination assays is 90 mM. The Kd of the riboswitch aptamer

domain for PRPP was determined (Table 3.3, see also Figure 3.6) by equilibrium dialysis

using radiolabeled [b-33P]-PRPP. This assay yields a Kd of 2.0 ± 0.3 mM. There are two no-

table differences between the present experimental system and that employed by Sherlock

et al.. First and most important, the present study examines binding affinity in an isolated
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aptamer domain, while Sherlock et al. focused on the ability of the full riboswitch to ter-

minate transcription. The full system is governed by the kinetics of ligand association and

RNA folding, while the present experimental system only measures the thermodynamics

of ligand binding. Also, in this study, [b-33P]-PRPP was used in trace quantities and the

amount of intact PRPP remaining in each sample was carefully measured to deconvolute the

counts obtained from intact PRPP and the counts obtained from breakdown products. Sher-

lock et al. used unlabeled PRPP and could not quantify the amount of degradation, likely

resulting in some underestimation of PRPP’s ability to terminate transcription. Lastly, bind-

ing was measured here in the presence of 20 mM magnesium to encourage RNA folding,

while Sherlock et al. performed transcription termination at 5 mM magnesium. The present

data show that the affinity of the complex is at least of low micromolar affinity, placing it

well within the range observed for complexes of PRPP with protein elements [146; 147].

In the future, binding could be measured closer to physiological magnesium concentrations

to see how this affects the affinity.

3.2.2 A single mutation in the PRPP aptamer generates a ppGpp aptamer

In parallel with structural inquiries into the PRPP riboswitch, crystallization of native

ppGpp aptamers was pursued. However, crystallization was unsuccessful with the sub-

set of ppGpp aptamers tested. Considering the evident plasticity of the ykkC motif and

the overt similarity between the consensus sequences of ykkC RNA subtypes 2a and 2b, a

specificity switch of the PRPP aptamer to a ppGpp aptamer was pursued via mutation as

an alternative strategy.

Close examination of the consensus motifs of the PRPP and ppGpp riboswitch
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aptamers revealed that the ppGpp aptamer consensus sequence was almost entirely a subset

of the PRPP aptamer consensus sequence, with the PRPP aptamer generally having more

stringent requirements than the ppGpp aptamer. The most salient difference between the

two consensus sequences is at position 96. In the PRPP aptamer, this position is � 97%

conserved as a guanosine, but this conservation is lost in the ppGpp aptamer. The dramatic

difference in conservation at this site suggested that it may be a lynchpin in differential

recognition of PRPP and ppGpp.

We mutated position 96 in the T. mathranii PRPP aptamer from guanosine to

adenosine, generating the G96A mutant. The wild-type aptamer shows poor affinity for

ppGpp (Kd = 91 ± 3 mM) and 46-fold greater affinity for PRPP (Kd = 2.0 ± 0.3 mM)

(Table 3.3). Conversely, the G96A mutant has affinity for ppGpp virtually identical to that

of wild-type for PRPP (Kd = 1.8 ± 0.1 mM) and PRPP binding is abolished in the mutant

up to 400 mM RNA (estimated Kd = 1600 ± 200 mM). The G96A mutant has at least 900-

fold higher affinity for ppGpp than PRPP. The G96A mutation thus strikingly resulted in

approximately a 40,000-fold switch in ligand specificity. The mutant’s affinity for ppGpp

is well within the range of native aptamers tested (data not shown).

3.2.3 Co-crystal structure of the generated ppGpp aptamer and its ligand

Having shown that the G96A mutant is a ppGpp aptamer, we solved its crystal structure in

the presence of ppGpp to 3.1 Å resolution. The crystallization conditions that reproducibly

gave rise to co-crystals of the wild-type PRPP aptamer did not yield comparable results for

co-crystals of the G96A mutant. However, the G96A mutant was found to crystallize in

a separate condition that also produced crystals of wild-type aptamer. The crystallization
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Table 3.3: Dissociation constants for PRPP and ppGpp to wild type and G96A T. mathranii
PRPP riboswitch aptamer

RNA Kd for PRPP Kd for ppGpp Fold specificity for
PRPP over ppGpp

Magnitude of
specificity switch

WT 2.0 ± 0.3 mM 91 ± 3 mM 46
G96A 1600 ± 200 mM 1.8 ± 0.1 mM approx. 0.001 approx. 40,000
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Figure 3.6: Data from equilibrium dialysis experiments and fits used to calculate dissoci-
ation constants. All experiments were performed in triplicate and the standard deviation
for each data point is shown using black error bars. (A) wild type RNA binding to PRPP
(purple) and ppGpp (green). The ppGpp complex did not quite reach saturation, so the
Bmax was constrained to equal the Bmax value from the fit for ppGpp binding to the G96A
mutant. (B) G96A mutant binding to PRPP (purple) and ppGpp (green). PRPP reached just
20% bound at 400 mM RNA, so the Bmax was constrained to equal the Bmax value from the
fit for PRPP binding to wild type RNA. All floating Bmax values were within error of 1.0,
as expected.
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reagent used for G96A lacks barium, which was the most prominent divalent metal ion in

the wild type crystallization condition. Potassium chloride, sodium chloride, and magne-

sium chloride were present in the crystallization drops. K+ and Mg2+ ions are observed in

the mutant crystal structure. The best mutant crystal diffracted to a resolution of 3.1 Å and

its structure was solved by molecular replacement using chain A of the PRPP riboswitch

as an initial model. The asymmetric unit contained four aptamer molecules. Molecular

replacement and refinement revealed robust density for the electron-dense pyrophosphate

groups of ppGpp as well as its guanine base. In the initial solution and throughout refine-

ment, the quality of the electron density was worse in chain D compared to chains A-C.

The model of chain D is consistent with that of chains A-C, but is excluded from discussion

in the text.

Overall, the architecture of the G96A mutant is very similar to that of the wild-

type aptamer (Figure 3.2.1D). Notably, the 2FO-FC map generated directly by molecular

replacement showed no electron density in the former location of the ribose and phosphate

of G96. Additional lack of electron density for the ribose of G95 and the phosphate of G97

immediately suggested that the G96A mutation caused major conformational rearrange-

ment in this region.

The ppGpp ligand has two pyrophosphate groups, meaning there is some sym-

metry to the ligand. The locations of the 50 and 30 pyrophosphate groups of ppGpp are

easily inferred from the available electron density data. The electron density for the gua-

nine base, parts of the sugar, and the 30 pyrophosphate is high, while predictably lesser

electron density surrounds the 40 and 50 carbons (Figure 3.7). Positioning of ppGpp such

that the region of lower density surrounds the 40 and 50 ribose carbons results in the 50
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Figure 3.7: The binding pocket of the G96A mutant in complex with ppGpp. A: Crystal
structure of the ligand-binding site in chain A. ppGpp is depicted as sticks and colored by
element with green carbons. Nucleotides are depicted as teal sticks. Metal ions are depicted
as gray spheres. Individual nucleotides are labeled. An Fo-Fc map contoured at 3.0s is
shown as a gray mesh. The map was calculated using an otherwise complete model lacking
ppGpp and nearby metals. (B) Ligand interaction map. The map is colored essentially as
in A. All RNA contacts to ppGpp are shown. Dashed gray lines indicate hydrogen bonds.
The grey bracket indicates base stacking. Black brackets indicate interactions shown in
individual panels of Figure 5.
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Figure 3.8: A comparison of ppGpp modeled in the syn conformation and the anti confor-
mation. ppGpp has green carbons and is colored by element. The Fo-Fc map was generated
using an otherwise complete model lacking ppGpp and is shown contoured at 3.0 s as a
grey mesh.
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pyrophosphate of ppGpp occupying the former position of the pyrophosphate of PRPP

(Figures 3.4A and 3.7A). This means that the 50 pyrophosphate is oriented down toward

P0 in the ppGpp structure, but the 5-phosphate is oriented up toward P3 in the PRPP struc-

ture (Figures 3.2.1C/ 3.4A and 3.2.1D/ 3.7A). Several metal or water ions appear near the

pyrophosphate moieties. These were first assigned as magnesium ions or water molecules,

and subsequently assigned as potassium ions due to implausibly low B factors after re-

finement. The positioning of these entities is highly variable among the molecules in the

asymmetric unit, suggesting that they do not make essential contributions to ligand recog-

nition. We expect that the pyrophosphates are able to directly coordinate magnesium ions.

This is not observed in the crystal structure, but this may simply be a consequence of the

resolution only going to 3.1 Å. The divalent ions observed in the wild type PRPP structure

were much more prominent, due to the comparatively very large electron density of barium

ions relative to magnesium ions..

3.2.4 Assignment of ppGpp conformation in the G96A mutant

The guanine base of ppGpp is modeled in the syn conformation (Figure 3.7A). At 3.1

Åresolution, it is essential to inform this decision with the expected behavior of the chemi-

cal constituents in addition to the available electron density data. The shape of the electron

density appears visibly more consistent with the syn conformation than the anti conforma-

tion (Figure 3.8). The chemical environment is also more plausible if the base is in the syn

conformation. In the syn conformation, the guanine base of the ligand forms three hydrogen

bonds with C75 in a Watson-Crick base pair. In the anti conformation, the Hoogsteen face

of the guanine base would form two hydrogen bonds with the Watson-Crick face of C75.
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The Hoogsteen/Watson-Crick pair would rely on protonation of the N3 of C75 (pKa = 4.45

in solution) [148]. Refinement of the ligand in the anti conformation tended to yield steric

clashes or very short hydrogen bonds between the O6 of ppGpp and the N4 of C75, while

simultaneously yielding unusually long hydrogen bonds (> 3.5 ) between the N7 of ppGpp

and the N3 of C75. Modeling a Watson-Crick base pair (syn conformation) is consistent

with a recent study showing that the equivalent of a C75U mutant in a native ppGpp ri-

boswitch confers specificity to adenine-containing ligands over guanine-containing ligands

(Sherlock et al., in press). The syn conformation of ppGpp has been previously observed in

a 2.0 ÅX-ray crystal structure of an E. coli lysine decarboxylase, LcdI, which is inhibited

by ppGpp [149]. The asymmetric unit of the LcdI crystal structure is a pentamer containing

five ppGpp binding sites (one at each monomer-monomer interface), all of which are in the

syn conformation. Finally, a structural overlay of the wild-type and G96A structures at C75

shows that in the syn conformation, the base of ppGpp in the G96A structure occupies the

same position as the base of G96 in the wild type structure (Figure 3.7C). Together, this

body of evidence strongly supports modeling the guanosine moiety of ppGpp in the syn

conformation.

3.2.5 The guanine base and pyrophosphate groups of ppGpp are heavily recognized

by the mutant aptamer

The 30 pyrophosphate of ppGpp consistently sits in a pocket lined with hydrogen bond

donors (Figure 3.9A). The N4 of C77, the N1 and N2 of G48, and the 20OH of A76

are all seen making hydrogen bonds to phosphate oxygens. While the position of the 50-

pyrophosphate of ppGpp is relatively invariable, the 30-pyrophosphate occupies a slightly

58



different position in each molecule of the asymmetric unit. Consistent with this model, the

30 pyrophosphate atoms have slightly higher B factors than the rest of the ligand (about 138

Å2 for the 30 pyrophosphate compared to about 119 Å2 for the 50 pyrophosphate). In chain

A, the 30-b-phosphate has one oxygen that accepts a hydrogen bond from the N1 of G48, a

second oxygen that accepts a hydrogen bond from the N4 of C77, and a third, unrecognized

oxygen. The recognition strategy is slightly different for chains B and C.

The guanine base of ppGpp is buried in the RNA and is a focal point of ligand

recognition. In the PRPP aptamer, the highly conserved C75 forms a Watson-Crick base

pair with G96. The G96A mutant ppGpp aptamer recognizes its ligand through a simi-

lar Watson-Crick base pair between the G of ppGpp and C75 (Figure 3.9B). The guanine

base of the ligand is also recognized via stacking with G6. Such extensive recognition of

ppGpp’s nucleobase suggests a likely mechanism for the mutant’s observed discrimination

for ppGpp over PRPP. In the native PRPP aptamer, C75 is in the same location near the

binding pocket, poised to form this interaction with ppGpp. However, the highly conserved

G96 is also available to form this base pair and its spatial proximity to C75 raises its ef-

fective concentration, making it potentially able to outcompete ppGpp for this base pairing

interaction. This model is consistent with the observation of low-affinity ppGpp binding

(Kd = 91 ± 3 mM) in the wild type PRPP aptamer and explains why a single mutation at

position 96 renders this aptamer capable of recognizing ppGpp with high affinity. The ri-

bose is not recognized by the aptamer, leaving the guanine base and pyrophosphates as the

major points of recognition.

Recognition of the 50-pyrophosphate of ppGpp is extensive; its phosphate oxy-

gens accept several hydrogen bonds from amino groups of conserved nucleobases (Fig-
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Figure 3.9: Notable contacts to the ppGpp ligand. ppGpp is depicted as sticks with green
carbons and is colored by element. RNA is depicted as sticks with teal carbons and is
colored by element. Dashed black lines indicate hydrogen bonds. (A) hydrogen bonds
donated from amino groups in C77 and G48 to the 30-b-phosphate of ppGpp, as well as
the hydrogen bond network that constructs this part of the binding pocket. The 20OH of
A76 is close enough in chains B and C to form an additional hydrogen bond to the 30-
b-phosphate. B: The Watson-Crick base pair between C75 in the RNA and the ppGpp
ligand. B: hydrogen bonds donated from amino groups in A5, G6, G104, and G105 to the
50-b-phosphate of ppGpp.
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ure 3.9C). The 50-b-phosphate has three oxygen atoms that can accept hydrogen bonds

from the aptamer. One of these oxygens accepts a hydrogen bond from the N6 group of

A5. The second oxygen can accept hydrogen bonds from the N6 of A5 and N1 and N2 of

G6, although it is not expected that these would all form simultaneously. The third oxygen

can accept hydrogen bonds from the N1 and N2 of G105 and the N1 of G104. As with

the previous oxygen, it is not expected that these would all form simultaneously. The 50-

a-phosphate appears to be unrecognized, consistent with its similar position to the poorly

recognized a phosphate of PRPP in the native structure.

Nucleotide A74 appears to play a conserved structural role in the PRPP and

ppGpp aptamers. In all three ykkC classes, it forms a noncanonical base pair with G6,

which directly contacts PRPP and ppGpp, suggesting that it plays a role in positioning G6

(Figure 3.10). In the guanidine-I riboswitch, this nucleotide is not conserved. However,

A6 in the guanidine-I crystal structure flips out to form the same non-canonical base pair

with A68 (equivalent to A74) that is observed in the present study [80]. The lack of conser-

vation at this position does not support a role in guanidine recognition, but this conserved

interaction is observed in all three aptamers [40].

The guanidine-I and PRPP ykkC aptamers each have an S-turn motif in the P3

helix. In the guanidine-I aptamer, the orientation of G88 is reversed relative to its stack-

ing partners and G89 flips out of the helix. These are classic features of the S-turn. The

guanidine-I riboswitch also possesses a cross-strand purine stack, a characteristic back-

bone kink on the opposite strand from the S-turn, and stabilizing hydrogen bonds, all of

which were first observed in the S-turn of the conserved sarcin-ricin loop in the 23S rRNA

[150]. In the PRPP riboswitch, a similar S-turn motif exists at the equivalent position

61



Figure 3.10: Conserved interactions between P1 and P3. Nucleotides are labeled and de-
picted as sticks and colored by element with teal carbons. Dashed lines indicate hydrogen
bonds. Left: Nucleotides A6 and A68 of the guanidine aptamer. Middle: Nucleotides G6
and A74 of the PRPP aptamer. Right: Nucleotides G6 and A74 of the G96A mutant, a
ppGpp aptamer.
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(Figure 3.11B). Equivalent to G89 in guanidine-I, G96 flips out and base pairs with C75

while also hydrogen bonding to PRPP. Notably, the cross-strand purine stack is absent in

the PRPP riboswitch, but other S-turn characteristics are preserved. Conversely, the S-turn

motif is abolished in the G96A mutant, and no contacts are observed between A96 and

other nucleotides. Even more significantly, G95 does not possess the reverse ribose orien-

tation that defines an S-turn. Rather, this region resembles a standard A-form helix with a

single nucleotide bulge. The guanine of ppGpp replaces the flipped out guanosine of the

former S-turn motif (Figure 3.11A), revealing that the S-turn is a key center of functional

plasticity in the ykkC RNAs.
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3.3 Discussion

Taken together, the present structural and biochemical data shed light on the functional

plasticity of RNA as a whole and of the ykkC motif in particular. Just as residue C49

was previously used to distinguish guanidine aptamers from other ykkC RNAs, here we

show that G96 is the residue that differentiates PRPP and ppGpp aptamers. The sequence

space of the ykkC motif is clearly amenable to binding dissimilar ligands. The existence

of ykkC RNAs with other gene contexts and unknown ligand specificity further reinforces

the diversity of functions that these RNAs achieve with very small variations in consensus

sequence [40; 45], (Sherlock et al., in press). Three-dimensional structural models of the

wild-type and G96A mutant aptamers reveal that the mechanism of specificity switching is

recruitment of C75 as a primary effector of ligand recognition (Figure 3.11A). The presence

or absence of the S-turn motif governs whether an RNA base or the ppGpp base can pair

with C75, and therefore controls the specificity of the aptamer.

The wild-type aptamer featured in the current study binds PRPP at a location

very near, but distinct from the binding pocket of the guanidine-I riboswitch. The P0 region,

which is not present in the guanidine-I riboswitch, recognizes a portion of the larger ligand;

metal ion M3 binds in the location where its parent motif binds guanidine (Figure 3.11; see

also Figure 3.4). In the S-turn of the sarcin-ricin loop, the bulged G re-inserts into its helix

to form a base triple. In an overlay of the S-turns of the sarcin-ricin loop, the guanidine-I

riboswitch, and the PRPP riboswitch, the guanidino group of the bulged guanosine in the

sarcin-ricin loop overlays well with the guanidinium cation and both overlay with metal

M3 in the PRPP riboswitch (Figure 3.12A,B) [150]. The common binding site of M3
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Figure 3.11: Structural comparison of the guanidine-I, PRPP, and ppGpp riboswitch ap-
tamers. (A) Watson-Crick base pairs with C75 in the wild-type and G96A aptamers over-
laid. Wild-type and G96A RNA is shown as gray and teal sticks, respectively. The base
and ribose of ppGpp are shown as green sticks. Hydrogen bonds are shown as dashed lines.
Left: face-on view of the preserved base pair. Right: edge-on view of the same interaction.
(B) The S-turn motif in the guanidine-I and PRPP aptamers and the equivalent position in
the ppGpp aptamer. The RNA is depicted as a teal cartoon. Guanidine, PRPP, and ppGpp
are colored by element with white, purple, and green carbons, respectively. A red outline
showcases the position of the conserved guanine base. (C) Nucleotides in the guanidine
or M3 binding site, or the equivalent site in the ppGpp aptamer. The RNA is colored by
element with teal carbons. Guanidine is colored by element with white carbons. Black
dashes indicate hydrogen bonds. Solid black lines indicate coordination to a metal ion.
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in the PRPP riboswitch and guanidine in the guanidine riboswitch is a possible case of

molecular exaptation, suggesting that structured RNAs are functionally versatile and can

readily adapt to new selection pressures. However, the natural history of the evolution of

these two related aptamers remains uncertain.

The present structural data shed additional light on the potential mechanism of

switching in tandem guanine-PRPP aptamers [45]. The PRPP riboswitch (an ON switch),

is often found immediately downstream of a guanine riboswitch (an OFF switch), in an

IMPLY two-input logic gate (Figure 3.13). In these tandem systems, transcription proceeds

in all cases except when guanine is present and PRPP is not [45]. This suggests that PRPP

binding disrupts formation of the guanine aptamer, allowing transcription to proceed when

both ligands are present (Figure 3.13D). The T. mathranii PRPP aptamer studied in the

present work is part of one of these tandem aptamer systems. Its predicted secondary

structure shows that formation of the P0 stem of the PRPP aptamer and the P1 stem of the

guanine aptamer are mutually exclusive. The present data reveal that the 50 tail of the PRPP

aptamer participates in P0 and plays a central role in PRPP recognition. In the proposed

model, PRPP binding stabilizes P0 and disrupts the P1 helix of the guanine aptamer. The

IMPLY character of this two-input gate may depend on the relative stabilities of the two

helices, which in turn suggests that alternative logic gates could be constructed through

mutation of P0 or P1. The ppGpp and T-box riboswitches are also often found in tandem.

In contrast with the PRPP/guanine tandem system, the ppGpp and T-box riboswitches each

maintain their own expression platform, suggesting that they fold independently. This is

consistent with the AND behavior of this logic gate and the unimportance of the order of

the two aptamers within the molecular circuit.
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Figure 3.12: (A) Overlay of the S-turn found in the sarcin/ricin domain from E. coli 23S
rRNA (PDB ID 483D, shown in wheat) with the S-turns in the guanidine-I riboswitch
(5T83, shown in blue) and the PRPP riboswitch (6CK5, shown in purple) [150; 80]. (B)
Bottom-up view of the overlay in part A showing overlap between the guanidino-moiety of
G2655, guanidine, and M3.
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Figure 3.13: Predicted model of switching in the tandem guanine-PRPP riboswitch from
T. mathranii. This model is informed by the crystal structures presented here as well as in
vitro transcription termination data collected by Sherlock et al. on a tandem guanine-PRPP
riboswitch from Bacillus megaterium. The secondary structure of the RNA is represented
as black lines. PRPP aptamer P0 nucleotides are colored dark red. The competing nu-
cleotides in the guanine aptamer is colored pink. PRPP P3 nucleotides are colored dark
blue. The competing nucleotides in the terminator stem are colored light blue. PRPP is
represented as a blue ellipse, and guanine is represented as a red circle. (A) Predicted
structure in the absence of PRPP and guanine. (B) Predicted structure in the presence of
guanine. (C) Predicted structure in the presence of PRPP. (D) Predicted structure in the
presence of PRPP and guanine. In this model, the presence of PRPP stabilizes P0 and
destabilizes the guanine aptamer domain.
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The observed ability of the ykkC scaffold to adapt to new selection pressures via

mutation of a few key residues is reminiscent of other accounts of functional plasticity

in both proteins and RNAs. In a clinically relevant contemporary example, b-lactamases

evolve to expand their catalytic repertoire through mutations in a flexible loop. These muta-

tions preserve the overall architecture of the protein while enabling it to metabolize new an-

tibiotics, contributing to the worldwide threat of antibiotic resistance [75; 76; 77; 78]. The

ease of repurposing protein scaffolds for the development of new catalysts has also been ex-

ploited in the design of novel enzymes including a Diels-Alderase [151]. In a related RNA

example, the Tetrahymena ribozyme scaffold supports catalytic activities including self-

cleavage, RNA polymerization, and peptide bond hydrolysis, though this is likely due to

the placing the substrates into physical proximity with each other [10; 152; 153; 154]. Nat-

ural riboswitch aptamers used as starting points in directed evolution experiments switch

specificity, but maintain their overall fold [27]. The existence of riboswitch variants that use

the same scaffold but bind slightly different ligands, including the adenine/guanidine and

cyclic-di-GMP/cyclic-GMP-AMP riboswitch classes, has previously hinted at the adapt-

ability of RNA elements [28; 34; 59; 37; 108; 60; 107; 106]. However, the present finding

that a single conservative point mutation in the PRPP aptamer can dramatically alter both

ligand specificity and tertiary structure reveals a striking example of RNA plasticity and

speaks to the macromolecular evolvability of RNA.

A final key observation in this study is the direct visualization that an RNA ele-

ment has evolved to specifically recognize PRPP. PRPP is a central metabolite, and likely

has played that role since before the metabolic pathways of life’s last universal common

ancestor (LUCA) were fully developed [155]. It is possible that PRPP was used for the
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synthesis of nucleotide precursors on the prebiotic Earth [156]. The finding that an extant

RNA specifically recognizes PRPP lends credence to the hypothesis that RNA elements

may have been capable of recognizing PRPP before the advent of coded protein synthesis.
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4 Structure of the guanidine-II riboswitch aptamer

This section is adapted from Reiss et al., 2017, an article published in the journal RNA

[157].

4.1 Background

The guanidine-II riboswitch, originally dubbed the mini-ykkC RNA, was first identified

through bioinformatics in 2007 [91]. The RNA was named mini-ykkC because it controls

a similar set of genes as the ykkC RNA motif, but is much smaller and simpler. Both ri-

boswitches regulate the expression of genes that encode guanidine carboxylases and SugE-

like efflux proteins that transport guanidine out of the cell. The ykkC and mini-ykkC ri-

boswitches are likely employed by bacteria to de-toxify the cell in the presence of high

guanidine concentrations.

After identifying that guanidine was the ligand for the ykkC RNA, the Breaker lab

tested mini-ykkC for guanidine binding as well, due to the similarity in gene associations.

The mini-ykkC RNA binds to guanidine with similar affinity to the guanidine-I riboswitch

and it was renamed the guanidine-II riboswitch [40; 158]. The class II motif is made

up of two short hairpins connected by a linker that is between 7 and 40 nucleotides in

length. Each hairpin is capped by an identically conserved ACGR tetraloop and there

are two conserved G-C base pairs at the base of each tetraloop, making for a total of 16

conserved nucleotides in each riboswitch (8 in each hairpin). In contrast, the guanidine-

I aptamer is substantially larger and contains 35 nucleotides that are �97% conserved.

Also unlike the guanidine-I riboswitch, guanidine-II was shown to bind guanidine in a
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cooperative manner by in-line probing, suggesting multiple instances of binding [158].

Based on the consensus sequence, it was proposed that the two ACGR tetraloops each

bind a molecule of guanidine and that the hairpins might interact with each other [158].

Consistent with this, in-line probing data showed guanidine-dependent modulation occurs

in both tetraloops [158]. The dramatic differences between the guanidine-I and guanidine-

II riboswitches suggest that the guanidine-II riboswitch recognizes its ligand in an entirely

different way from the guanidine-I riboswitch. In addition to adopting distinct RNA folds

in the aptamer domain, they also regulate gene expression by two different mechanisms.

Based on bioinformatic data, the guanidine-II riboswitch is a translationally-controlled on-

switch, while guanidine-I is a transcriptionally-controlled on-switch [40; 158; 91].

Guanidine riboswitches face the challenge of recognizing a small molecule in a

specific manner despite the presence of other guanidino-containing metabolites in the cell

that are present at micromolar concentrations, such as arginine and agmatine (Bennett et al.,

2009; Caldara et al., 2008; Hamana, 1996). In addition, guanidine riboswitches must select

against urea, which occurs at high concentrations and is similar in size and shape, differing

only in having a carbonyl group where guanidine has an amino group. The guanidine-I

riboswitch accomplishes this by recognizing every possible face of the guanidinium cation

[80; 159]. In addition to hydrogen bonding, the class I riboswitch utilizes p-cation and

ionic interactions.

The guanidine-II riboswitch was suspected to recognize two molecules of guani-

dine in a cooperative manner based on in-line probing data, suggesting that the tetraloops

dimerize. To determine how the guanidine-II riboswitch recognizes guanidine and selects

against similar compounds, and to determine the structural basis for tetraloop dimerization,
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we set out to determine the crystal structure of the riboswitch in complex with its ligand.

Here, we present the crystal structure of a dimerized P2 stemloop of the guanidine-II ri-

boswitch from Pseudomonas aeruginosa determined at 1.57 Åresolution.
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4.2 Results

4.2.1 Structure determination of the guanidine-II riboswitch aptamer

Biochemical analysis of full-length guanidine-II riboswitch constructs suggested that the

RNA forms large, higher order structures, likely due to dimerization of the hairpins in trans

(data not shown). Therefore, we used singlet hairpin constructs for crystallography. A pre-

viously characterized singlet stem loop construct shows guanidine-dependent modulation

by in-line probing, likely due to the formation of homodimers [158]. Because the conserved

tetraloops are identical in the P1 and P2 helix of most guanidine-II riboswitches, we expect

that the conserved regions of the homodimer structure will adopt the same structure as a

physiologically relevant heterodimer between P1 and P2. We targeted the 16-nucleotide P2

stem of the guanidine-II riboswitch aptamer from P. aeruginosa (Figure 4.1B), which con-

trols a gene annotated as a SugE efflux protein. A member of the SugE family controlled by

the guanidine-I riboswitch was previously shown to associate specifically with guanidine,

suggesting that it may act to export guanidine out of the cell to avoid guanidine toxicity

[40]. A non-conserved U in the sequence was modified to a 5-bromouridine and the struc-

ture was determined by SAD phasing. Guanidinium was clearly visible in the unbiased

electron density maps. An Fo-Fc map contoured at 5s was calculated using phases from

a model in which guanidinium was omitted, which reveals significant guanidinium-shaped

density that supports our assignment of the ligand model (Figure 4.2A). X-ray statistics are

shown in Table 4.1.

The crystal structure contains four P2 hairpins in the asymmetric unit (chains A,

B, C, and D in the structure). The conserved nucleotides 5-12 are highly similar between
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Table 4.1: X-ray statistics for the guanidine-II aptamer

P2 hairpin with 5-bromoU (SAD) P2 hairpin (native)
PDB 5VJB 5VJ9
Data collection:
Beamline 24-ID-C at APS 24-ID-C at APS
Space group P 21 21 21 P 21 21 21
Unit cell:
a, b, c (Å) 50.2, 60.5, 71.9 50.3, 60.7, 72.3
a, b, g (�) 90, 90, 90 90, 90, 90

Wavelength (Å) 0.9193 0.9193
Resolution (Å) 40.00-2.10 (2.14-2.10) 40.00-1.57 (1.60-1.57)
Rmerge 0.068 (1.058) 0.052 (1.052)
I/sI 31.3 (1.6) 46.3 (1.7)
CC1/2 in highest resolution shell 0.552 0.565
CC* in highest resolution shell 0.843 0.850
Completeness (%) 99.9% (100.0%) 99.8% (98.8%)
Redundancy 6.8 (7.0) 11.6 (6.9)
Total reflections 172716 361260
Unique reflections 25445 31438
Refinement:
Resolution (Å) 40.00-2.10 40.00-1.57
No. reflections 13040 29787
Rwork/Rfree 0.22/0.24 (0.32/0.39) 0.19/0.23 (0.40/0.42)
No. of atoms:
Total 1456 1727
RNA 1372 1368
Ligand 16 16
Cations 57 62
Water 11 281
B-factors
Overall (Å2) 42.1 32.4
RNA (Å2) 41.2 29.4
Ligand (Å2) 37.3 26.1
Cations (Å2) 66.4 49.8
Water (Å2) 36.1 43.1
Root-mean-square deviations
Bond lengths (Å) 0.012 0.013
Bond angles (�) 1.995 1.841
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Figure 4.1: Overall structure of the guanidine-II riboswitch P2 hairpin from P. aerugi-
nosa. (A) Updated consensus sequence to reflect secondary structure observed in the crystal
structure. (B) Secondary structure of the crystal construct used. The pink and green hair-
pins represent chain A and chain B of the asymmetric unit and are equivalent in sequence.
Blue triangles represent guanidinium. (C) Overall crystal structure of the guanidine II ri-
boswitch P2 hairpin dimer from P. aeruginosa. All figures are generated using chains A and
B and all distances are calculated using chain A. (D) Chemical structure of the guanidinium
cation.
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Figure 4.2: Guanidinium binds within the conserved ACGR tetraloop. (A) 2Fo-Fc map
of binding pocket contoured at 2s (grey) and Fo-Fc map of binding pocket contoured at
5s (green), where the input model lacked guanidinium. Pink sticks represent chain A and
white sticks represent guanidinium. (B) Hydrogen bonds donated from guanidinium to
the riboswitch. Pink sticks represent chain A, green sticks represent chain B, and white
sticks represent guanidinium. (C) The ACGA tetraloop and G-C base pair below. Hydro-
gen bonds from guanidinium to RNA are represented by grey dashes. Possible cation-pi
interactions are represented by black dashes. Color scheme is the same as in Figure 2A.
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the four molecules (average rmsd= 0.39 Å). Chains A+B and chains C+D dimerize through

their tetraloops and this appears to be the physiologically relevant interface. The two dimers

form crystal-packing interactions with each other.

4.2.2 Guanidinium recognition

Two stem loops form a dimer via a kissing-loop interaction between the two ACGA tetraloops.

The two hairpins are rotated 180 apart from each other and the interaction occurs strictly

through the tetraloops and the cytosine in the first G-C base pair below the tetraloops.

The tetraloop of each hairpin also creates a binding pocket for the guanidinium cation

(Figure 4.1C). Although the guanidine-I and guanidine-II riboswitches adopt completely

different RNA folds, they use remarkably similar strategies to recognize the ligand. Guani-

dinium has a pKa of 13.6 [93], which means that under physiological conditions it is present

almost exclusively as a cation and has six potential hydrogen bond donors (Figure 4.1D). In

the guanidine-II riboswitch, five of the six positions make direct contact to the RNA. One

edge of guanidinium donates two hydrogen bonds to the Hoogsteen face of G9, a highly-

conserved nucleotide located in the tetraloop. One hydrogen bond is donated to the O6

carbonyl oxygen (3.1 Å) and one is donated to the N7 imino (3.1 Å) (Figure 4.2B). On the

other two edges of guanidinium, three hydrogen bonds are donated to non-bridging phos-

phate oxygens, specifically the pro-SP of A7, pro-RP of C8, and pro-RP of G9 (Figure 4.2B).

It is likely that the negatively charged phosphate groups in the binding pocket also stabilize

guanidinium cation binding through ionic effects. The ionic interactions likely contribute

to selection of guanidinium over urea, which is uncharged. The last hydrogen in guani-

dinium is not recognized by the riboswitch and appears to be solvent exposed. In one set
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of the two dimers in the asymmetric unit (chains C and D), there is a solvent bridge com-

prised of two water molecules that hydrogen bond to the two guanidiniums and to each

other. Ligand-dependent RNA structure modulation is observed with methylguanidine and

aminoguanidine as well as a few other small, guanidino-containing compounds [158]. The

guanidine-II riboswitch is somewhat more promiscuous than the guanidine-I riboswitch,

but modulation by these other compounds is still weaker than the modulation caused by

guanidine [158]. The solvent exposed region on each of the two binding pockets are ori-

ented towards each other, suggesting that the riboswitch may be selecting against larger

guanidine-containing molecules, like arginine and agmatine, by sterically preventing the

two from binding simultaneously. The guanidinium is also sandwiched above and below

by conserved nucleotides G6 and C8 (Figure 4.2C) and is potentially forming p-cation in-

teractions, in which the positively charged ligand is interacting with the electron-rich p

orbitals of RNA bases [160; 94]. Based on a published analysis of p-cation interactions

found in 282 crystal structures containing non-redundant protein-RNA interfaces, interac-

tions between the guanidine moiety of arginine and guanine bases are very common [96].

Cytosine is sometimes observed forming p-cation interactions with guanidino moieties in

arginine, but much less commonly compared to guanine. Empirical energy calculations

between cytosine and the guanidino moiety of arginine suggest that this interaction is unfa-

vorable on average [96]. Nucleotide C8 may make little or no direct contribution to ligand

binding energetics. It is conserved for its role in the inter-hairpin base pairing at the dimer-

ization interface. p-cation interactions are another way that the riboswitch can select for

the guanidinium cation over urea, since urea does not have the positive charge needed to

interact with the p system of a base.
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4.2.3 Structural aspects of the dimerization interface

The main structural motif that forms the dimerization interface is a kissing-loop interac-

tion between the two tetraloops. C8 and G9 form Watson Crick base pairing with the

equivalent C8 and G9 of the dimerization partner (Figure 4.3A). The G9 nucleotide also

forms bifurcated hydrogen bonds to guanidinium via the Hoogsteen face (Figure 4.2B).

This kissing-loop interaction positions the two guandiniums within 10 Åof each other. In

the tetraloop, there are two adenines, one on each side of the kissing loop nucleotides C8

and G9 (Figure 4.2C). Highly conserved nucleotide A7 stacks on top of C8 and forms two

hydrogen bonds to the sugar edge of C11 of the dimerization partner (Figure 4.3B). Nu-

cleotide A10, which is highly conserved as a purine (A or G) flips out from the tetraloop

and forms stacking interactions with A10 of the other hairpin (Figure 4.3C). Guanidinium

binding may result in a rearrangement of the tetraloop such that A7 and A10 are more ac-

cessible to form dimerization interactions. In this case, guanidinium binding would shift

the equilibrium toward the dimeric state. Consistent with this model, in-line probing of a

P1 hairpin from the Gloeobacter violaceus guanidine-II riboswitch shows that the equiva-

lents of nucleotides A7 and A10 in the crystal structure modulate in a guanidine-dependent

manner [158].

4.3 Discussion

4.3.1 Guanidinium recognition in class-I and class-II guanidine riboswitches

The guanidine-I and guanidine-II riboswitches adopt completely different RNA folds, but

use similar strategies to recognize guanidinium (Figure 4.4A). In the guanidine-I riboswitch,
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Figure 4.3: The two hairpins dimerize head-to-head through a kissing loop interaction. (A)
The kissing loop interaction at the dimerization interface. Color scheme is the same as in
Figure 2B. (B) Hydrogen bonds formed at the dimer interface between the Watson-Crick
face of A7 in chain A and the sugar edge of C11 in chain B. (C) Stacking interactions
formed by A10 in chain A and A10 in chain B.
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one edge of guanidinium forms two hydrogen bonds with the Hoogsteen face of G90 in a

bifurcated manner. The same hydrogen bonds are formed in the guanidine-II riboswitch,

involving G9 (Figure 4.4B). Both riboswitches also use phosphate oxygens in the RNA

backbone to recognize guanidinium. In the guanidine-I riboswitch, the guanidinium do-

nates two hydrogen bonds to phosphate oxygens of G73. In the guanidine-II riboswitch,

guanidinium forms hydrogen bonds to three non-bridging phosphate oxygens. In both

classes of riboswitch, the proximity of the negatively charged phosphate groups stabilizes

the binding of the guanidinium cation through ionic interactions (Figure 4.4B). Both ri-

boswitches use guanine bases to form p-cation interactions with guanidinium.

The strategies used to recognize guanidinium by the two classes of riboswitch

are the same, but the RNA context differs. In the class I guanidine riboswitch, the single

binding site is created at the interface between two helical elements, P1a and P3. The class

II guanidine riboswitch has two binding sites, one in each of the hairpins that dimerize

upon guanidine binding. Each guanidinium ligand makes contacts to only a single hairpin,

but the binding sites are located at the dimerization interface.

4.3.2 Proposed switching model in the full length aptamer

In a wild type guanidine-II aptamer, the P1 and P2 hairpins are separated by a linker that is

7 to 40 nucleotides in length (Figure 4.1A). In the crystal structure, the 30-nucleotide of one

hairpin and the 50-nucleotide of the second hairpin are about 50 Åapart. This is the distance

that must be spanned by the random linker between the two hairpins. Nucleotides in a

splayed conformation extend a distance of approximately 7.2 Åper nucleotide, measuring

from phosphate to phosphate. This provides enough length to cover the 50 Ådistance, even
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Figure 4.4: Side-by-side comparison of the guanidine-I riboswitch [80] and the guanidine-
II riboswitch [157] crystal structures. (A) Ribbon diagrams of class I and class II guanidine
riboswitch crystal structures. The guanidine-I riboswitch is in navy blue and the guanidine-
II P2 hairpin dimer is shown in pink and green (one color for each hairpin monomer).
Guanidinium is represented as spheres in white (carbon) and blue (nitrogen). (B) Stick
models showing the guanidinium binding pockets in the class I and class II guanidine ri-
boswitches. Overall colors are the same as Figure S1A with coloring by element.
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for the shortest of linker regions.

The guanidine-II riboswitch is a translational on-switch. The structure of the two

hairpins provides a model for how guanidine could regulate expression of the downstream

message. In the case of this P. aeruginosa riboswitch, the Shine-Dalgarno sequence is

sequestered by base-pairing with part of the linker region and nucleotides at the 50 end of

the P1 helix (Figure 4.5). In the guanidine-bound structure, head-to-head dimerization of

P1 and P2 enforces the spatial separation of the Shine-Dalgarno sequence from the anti-

Shine Dalgarno sequence. This would expose the Shine-Dalgarno sequence and promote

translation in the presence of guanidine (Figure 4.5). The crystal structure does not allow us

to distinguish between a conformational selection mechanism or an induced fit mechanism

for switching. Gel shift data collected on the P1 hairpin from P. aeruginosa suggests that it

is energetically plausible for guanidine binding to cause this sort of massive rearrangement

in RNA helix formation. In this experiment, I showed that increasing concentrations of

the P. aeruginosa P1 hairpin cause the RNA to eventually form duplex in the absence of

ligand, due to the complementarity of the strands (Figure 4.6A,B). I am confident that,

in the absence of ligand, the dimer observed in the gel shift experiment is an RNA duplex

rather than a tetraloop-tetraloop dimer, since I solved the crystal structure of this RNA in the

absence of guanidine to 2.75 Åresolution (Figure 4.6B). At 200 mM RNA, virtually all the

RNA is in the duplex form (Figure 4.6A). Upon addition of guanidine, the resulting species

appears as a smear in the native gel. This is consistent with the formation of a different

dimeric form with a faster off-rate than the duplex. Importantly, the 10 mM guanidine

added is far too low a concentration to cause significant denaturing effects. Also consistent
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is the affinity of mini-ykkC RNAs for guanidine (mid to high micromolar), which is usually

too weak an interaction to be observed cleanly by gel shift. I expect that the tetraloop-

tetraloop dimer forms in the presence of guanidine, but the off-rate of ligand binding and/or

the tetraloop-tetraloop interaction is fast enough that the complex falls apart as the gel

is running (Figure 4.6A). If this interpretation is correct, guanidine is able to cause the

complete melting of a 14 bp duplex, followed by rearrangement into the dimer of two

hairpins, suggesting that guanidine could induce a comparably dramatic rearrangement of

helices in vivo. Exposure of the Shine-Dalgarno sequence of a bacterial mRNA allows the

ribosome to be recruited for translation of the downstream genes that control guanidine

toxicity in the presence of ligand.

Bioinformatic analysis has revealed that operons controlled transcriptionally by

class I guanidine riboswitches often contain a class II riboswitch that controls translation

of the 125 kDa carboxylase gene [158]. The combination of these two riboswitches al-

lows the cell to exercise guanidine-dependent gene control at both the transcriptional and

translational level. The large difference in both RNA fold and the mechanism of gene

control enables tight regulation of genes meant to relieve guanidinium toxicity. The dis-

sociation constants measured by in-line probing for all three guanidine riboswitch classes

are mid-micromolar and the guanidine-II class displays cooperative binding [40; 158; 161].

It makes sense that the dissociation constants would be similar for all three classes, since

these RNAs are likely tuned to turn on at the concentration of guanidine that causes toxicity

in bacteria.
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Figure 4.5: Predicted switching model for the P. aeruginosa guanidine II riboswitch. Upon
guanidinium binding, the Shine-Dalgarno sequence is made accessible by spatial separation
from the anti-Shine-Dalgarno (anti-SD) sequence. Green nucleotides represent hairpin P1
and pink represents hairpin P2.
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Figure 4.6: Gel shift data demonstrating a large conformational rearrangement of the P.
aeruginosa P1 hairpin from the guanidine-II riboswitch in the absence and presence of
guanidine. (A) Left: secondary structure of the P. aeruginosa P1 hairpin, with the basepair-
ing region shown in orange and the tetraloop in blue. Right: gel shift with 50-end labeled
P. aeruginosa P1 hairpin RNA. Increasing RNA concentration leads to duplex formation
(top band) in the absence of ligand. The flat region of the gradient is 200 mM RNA with
and without ligand present. (B) Illustration of duplex formation in the absence of ligand,
including a crystal structure on the right solved to 2.75 Åin the absence of guanidine. Color
scheme of the secondary structure is the same as in A.
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4.3.3 Guanidine riboswitches showcase convergent evolution in RNA

As of today, three structurally distinct classes of guanidine riboswitch have been identified

in bacteria [40; 158; 161]. The structures of classes I and II are the most structurally dis-

tinct. Class I is large, heavily conserved with many non-canonical base pairs and complex

tertiary interactions, and controls gene expression at the transcriptional level. Class II is

small, exceptionally simple, and controls genes through cooperative binding of two guani-

dine ligands at the translational level. The crystal structure of class III was also recently

solved [162]. Class III is smaller and simpler than class I, but larger and more complex

than class II. Like class II, it contains a conserved ACGA motif (ACGR in class II) and it

controls downstream genes at the translational level. Like class I, it binds a single equiv-

alent of guanidine. The overall structure of guanidine-III is very different from the other

two classes. It forms an H-type pseudoknot and a triple helix. In between these two struc-

tural motifs, a conserved core forms the binding pocket for guanidine. C6 and G7 of the

conserved ACGA motif form the same interactions to guanidine in class III as they do in

class II, but the RNA context is very different from class II [162]. It is unclear if the ACGA

motif has arisen from divergent on convergent evolution.

The existence of multiple guanidine riboswitch classes demonstrates that RNA

has found a way to bind to guanidine to mediate guanidine toxicity independently more

than once. Additionally, bacteria that found themselves containing multiple guanidine ri-

boswitch classes have taken advantage of the fact that they regulate gene expression at

different levels (transcription vs. translation) and it has been beneficial for organisms that

have them both located in the same operon for especially tight gene regulation [158]. The
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evolutionary relationship between classes II and III is unclear. Sequence and structural

dissimilarities between class I and classes II and III suggest that the recognition strategies

employed by these RNAs, most notably using the Hoogsteen face of guanine and p-cation

interactions, have arisen by convergent evolution. The three classes of guanidine riboswitch

demonstrate the structural versatility of RNAs when performing a similar function.
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5 Structure of the ZMP/ZTP riboswitch aptamer

This is the first structure I worked on in the Strobel lab. The goal was to unpack the

structural features that impose both high affinity and specificity on a riboswitch aptamer.

Like the guanidine riboswitch, the ZMP/ZTP riboswitch must reject molecules that are

chemically similar to the native ligand that also exist at high concentrations in bacteria,

while maintaining high affinity for its native ligand.

5.1 Background

In 2013, Ron Breaker’s lab determined that the conserved pfl RNA was a riboswitch that re-

sponds to the purine biosynthetic intermediate 5-aminoimidazole 4-carboxamide monophosphate

(abbr. ZMP or AICAR) or its triphosphorylated derivative (ZTP). This class of riboswitch

was named because it is commonly found upstream of the pyruvate formate lyase (pfl) gene

[39]. This enzyme is responsible for the production of formate and acetyl-CoA from pyru-

vate and coenzyme A (CoA). Formate is used in the folate cycle to make 10-formyl THF,

which is needed for ring-forming reactions in de novo synthesis of purines and histidine. pfl

RNAs recognize ZMP and ZTP (Figure 5.1) with nanomolar affinity and turn on transcrip-

tion of downstream genes. Other genes commonly regulated by pfl RNAs encode enzymes

in the folate cycle and de novo purine biosynthesis (Figure 5.2B). In Clostridium bartlettii,

the riboswitch controls transcription of the purH gene, which encodes the enzyme phos-

phoribosylaminoimidazole carboxamide formyltransferase. purH is a bifunctional enzyme

that converts 10-formyl THF and ZMP to THF and formyl-ZMP and then subsequently cat-

alyzes the cyclization of the pyrimidine ring to produce inosine monophosphate (IMP). If
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Figure 5.1: The chemical structure of the Z ribonucleotide

Figure 5.2: A. Consensus motif for the ZMP riboswitch. B. Genes controlled by the ZMP
riboswitch. Figure parts A and B reproduced directly from Kim, PB et al. 2015 [39]

there is not enough enzyme to handle the existing pool of substrate, ZMP will build up and

the riboswitch provides a feedback mechanism to increase enzyme production. Through

the riboswitch, ZMP and ZTP act as signaling molecules to upregulate the expression of

enzymes in the folate cycle and the de novo purine biosynthesis pathway.

The existence of the ZMP/ZTP riboswitch also sheds light on a 30-year-old con-

troversy in the literature regarding the role of ZMP as an alarmone in bacteria. In 1982,

while studying stress response in bacteria, Bruce Ames and Barry Bochner found that cellu-
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lar ZTP levels increased drastically in response to folate stress. They also found that mutant

strains incapable of making ZMP were extremely sensitive to folate antimetabolites [163].

Eight years later, Christopher Rohlman and Rowena Matthews reported that ZTP was not

related to folate stress [164]. From this time up until the discovery of the riboswitch, ZMP

and ZTP were largely unstudied in bacteria. The existence of the ZMP/ZTP riboswitch

shows that ZMP and ZTP play a signaling role in the folate cycle.
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5.2 Results

5.2.1 Structure determination of the ZMP/ZTP riboswitch aptamer

I set out to determine the crystal structure of the C. bartlettii ZMP/ZTP riboswitch aptamer,

which the Breaker lab used in their biochemical studies. I grew native crystals of this

aptamer in a condition containing 23% PEG 400, 50 mM MES, pH 5.2, 100 mM MgSO4,

and 400 mM KCl in the C2 space group. I attempted to phase the structure by soaking in

or co-crystallizing with iridium (III) hexammine, but could never get enough anomalous

signal. It is possible that this was due to the high concentration of sulfate precipitating

out the iridium (III) hexammine, which is a documented issue in RNA crystallography

[165]. Before I could solve the phase problem, three structures of the ZMP riboswitch

were published independently [166; 107; 167]. I used the structure from Trausch et al. to

solve the phase problem for my native dataset, resulting in an electron density map out

to 2.95 Åresolution (X-ray statistics are located in Table 5.1. The secondary and tertiary

structure of the crystal construct are displayed in Figure 5.3A and B.

5.2.2 Overall architecture

The RNA structure is dominated by a coaxial stack between P1 and P2. Conserved nu-

cleotides 13-16 zip up into a helix with conserved nucleotides 53-56 as an extension of

P1. Two of these base pairs are a pair of conserved sheared GA base pairs. A stretch of

conserved nucleotides in between helix P1 and P2 form a pseudoknot with the conserved

L3 loop, as predicted by bioinformatics. The short P3 helix lies parallel to the P1 helix,

which it docks into. The non-conserved P5 helix is positioned in between the pseudoknot
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Table 5.1: X-ray statistics for the ZMP/ZTP aptamer from Clostridium bartlettii

C. bartlettii ZMP/ZTP aptamer (native)
PDB not deposited
Data collection:
Beamline 14-1 at SSRL
Space group C2
Unit cell:
a, b, c (Å) 105.2, 67.0, 46.9
a, b, g (�) 90, 90.2, 90

Wavelength (Å) 1.1048
Resolution (Å) 50.00-2.95 (3.06 - 2.95)
Rmerge 0.085 (0.550)
I/sI 18.1 (2.1)
CC1/2 in highest resolution shell 0.886
CC* in highest resolution shell 0.969
Completeness (%) 99.5% (97.2%)
Redundancy 4.5 (3.6)
Total reflections 13362
Unique reflections 6952
Refinement:
Resolution (Å) 40.00-2.95
No. reflections 6613
Rwork/Rfree 0.17/0.23
No. of atoms:
Total 2018
RNA 1973
Ligand 22
Cations 3
Water 20
B-factors
Overall (Å2) 82.3
RNA (Å2) 82.7
Ligand (Å2) 63.4
Cations (Å2) 68.7
Water (Å2) 64.4
Root-mean-square deviations
Bond lengths (Å) 0.0075
Bond angles (�) 1.969
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Figure 5.3: Structure of the ZMP/ZTP riboswitch from C. bartlettii. (A) Secondary struc-
ture of the C. bartlettii ZMP/ZTP riboswitch aptamer, colored by paired element. Base
pairing notation is depicted as defined by Leontis and Westhof [168] White circles with
grey outline under the linker region indicate nucleotides that are not seen in the electron
density due to being unstructured. (B) Two views of the C. bartlettii ZMP/ZTP riboswitch
aptamer crystal structure, rotated 90� apart. RNA is represented as a cartoon colored as in
part A. ZMP is shown in blue spheres. The white circles with a grey outline show where
the unstructured linker would connect the RNA.
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and helix P2, but sticks straight out into solvent and does not form any interactions with the

rest of the aptamer. The ZMP binding pocket is located in a conserved pocket where helices

P1, P2, P3, and the pseudoknot (P4) come together. The binding pocket exists mainly at

the border between helix P3 and the pseudoknot and extensive contacts are made to both of

these helices.

5.2.3 ZMP recognition by the riboswitch

Like any nucleotide monophosphate, the ZMP ligand has three components: the base,

sugar, and phosphate. The Z base is a major focal point of recognition. The Watson-

Crick face of highly conserved U90 forms interactions to the “Hoogsteen” face of the Z

base (Figure 5.4A). The N3 of ZMP (equivalent to the N7 position of purine bases) accepts

a hydrogen bond from the N3 of U90. In solution, the carboxamide moiety is free to rotate,

meaning that the nitrogen and oxygen can exchange positions. The proximity of the O2

of U90 to the carboxamide moiety suggests that the closest atom to it is a hydrogen bond

donor. Therefore, the carboxamide nitrogen has been positioned facing U90. The carbox-

amide nitrogen also donates a hydrogen bond to a nonbridging phosphate oxygen of C47.

This orientation of the carboxamide means that the “Hoogsteen” face of ZMP resembles

that of AMP. On the other side of the carboxamide moiety, the oxygen makes an inner

sphere coordination to a magnesium ion. The same magnesium ion is also coordinated by

the pro-SP nonbridging phosphate oxygen of U16 and and the pro-RP nonbridging phos-

phate oxygen of C47 (Figure 5.4). N5 of ZMP donates two hydrogen bonds to the O50

bridging phosphate oxygen of U16 and to the N7 of G83. Stacking interactions between

the p-orbitals of the imidazole ring in ZMP and the p systems of G17 and G91 are also
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Figure 5.4: The binding pocket of the ZMP/ZTP riboswitch aptamer. RNA and ZMP are
represented as sticks and colored by element. The carbon coloring is the same as in the
previous figure. (A) Interactions between the Z base and the RNA. Dashed lines indicate
hydrogen bonds and solid lines indicate metal coordination. (B) Contacts from the ribose
of the ligand to the RNA. Dashed lines represent hydrogen bonds. (C) Single contact from
the phosphate of ZMP to the RNA. The dashed lines represent hydrogen bonds.
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observed (Figure 5.4B).

The two hydroxyls on the ribose of ZMP are each engaged in a hydrogen bond

(Figure 5.4B). The 30 hydroxyl hydrogen bonds to the 20 hydroxyl of G83 and the 20 hy-

droxyl hydrogen bonds to the N7 of G17. Additionally, the sugar is positioned over the

base of G83, suggesting that there is a stabilizing electrostatic interaction between the two.

Only one hydrogen bond is formed from the phosphate on ZMP to the RNA. One phosphate

oxygen accepts a hydrogen bond from the N4 of C89 (Figure 5.4C). This is consistent data

from the Breaker lab showing that the Z ribonucleoside (AICAr), which lacks the phosphate

group, binds only about 10-fold weaker than ZMP [39].

5.2.4 Investigation of the magnesium ion in the ZMP/ZTP riboswitch binding pocket

A magnesium cation in the binding pocket of the ZMP riboswitch appears to make im-

portant inner sphere coordinations for ligand recognition, as mentioned earlier. It also

coordinates nonbridging phosphate oxygens from U16 and C47, which brings them into

close proximity of the binding pocket. I set out to investigate whether the magnesium ion

contributed to the binding affinity of the aptamer. I also set out to investigate whether

the magnesium ion is involved in rejecting other ligands that look similar to ZMP, which

would make it an important contributor to specificity. An obvious look-a-like ligand is

AMP, which has a complete six-membered ring rather than a carboxamide moiety. AMP

could form the same interactions as ZMP via its Hoogsteen face, its sugar, and its phos-

phate. It differs at the N1, C2, and N3 positions. It is possible that the ZMP riboswitch

rejects AMP by using the magnesium ion to coordinates U16 in a way that could sterically

clash with a full purine ring.
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To investigate the contribution to affinity and specificity made by the magne-

sium ion, I introduced a phosphorothioate substitution at the pro-SP nonbridging phosphate

oxygen of U16. Phosphorothioate substitutions have been used extensively to investigate

functional magnesium ions in ribozymes [169; 170; 171; 172; 173; 174]. Thousand or

more fold defects in ribozyme rate have been observed for phosphorothioate substitutions

at sites that coordinate an active site magnesium ion [172]. Oxygen is massively preferred

over sulfur as a ligand for inner sphere magnesium coordination [175]. See Eckstein et

al. for more review on the subject [176]. By introducing a sulfur atom at this position, I

expected to destabilize the magnesium ion from its binding site either partially or fully. I

performed a gel shift assay using radiolabeled ZMP and varied concentrations of either WT

or U16 RP or SP phosphorothioate substituted RNA. The ZMP dissociation constant for the

wild type and RP substituted RNAs is approximately 60 nM (Table 5.2). There is no defect

in the RP substituted RNAs, suggesting that the sulfur substitution alone does not cause

binding issues. The SP substituted RNA, however, has a Kd of 390 nM. I have interpreted

this to mean that the magnesium ion has been destabilized to some degree, resulting in a

7-fold decrease in affinity to ZMP through the loss of a Mg-O inner sphere coordination. I

attempted to perform a manganese rescue (9 mM MgCl2 and 1 mM MnCl2, compared to

my normal 10 mM MgCl2), but this was unsuccessful (data not shown). The binding defect

is minimal, which makes a lack of manganese rescue difficult to interpret, as manganese

rescue is often imperfect [174]. From this data alone, I cannot rule out the possibility that

the destabilization of magnesium has caused changes in RNA folding that have resulted in

a binding defect, rather than specifically the loss of a single inner sphere coordination from

an RNA-coordinated magnesium ion to the ZMP ligand.
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In addition to studying ZMP affinity, I was interested in examining the contri-

bution of the magnesium ion toward specificity of ZMP over AMP, which is present at

millimolar concentrations in the cell. To do so, I used a competition gel shift assay, where

the labeled ZMP is in trace, the RNA is at a constant concentration (set such that ZMP is

mostly bound in the absence of competitor), and I varied the concentration of cold AMP.

The wild type RNA is about 1400 fold more selective for ZMP over AMP (Kd, AMP = 83

mM). Both the RP and the SP substituted RNAs have very similar or, if anything, slightly

tighter affinities for AMP (Table 5.2, Figure 5.5). The SP substituted RNA is 8-fold less

selective than wild type for ZMP over AMP (although it is still 180-fold more selective

for ZMP), due mostly to a reduction in ZMP affinity. This suggests that the magnesium

ion is not involved in AMP binding and contributes to an increase in ZMP affinity without

increasing AMP affinity. In order to rule out effects from RNA folding, in the future, I will

test binding of the wild type RNA to a ZMP analog that contains a sulfur-substitution at the

carboxamide oxygen, which was recently synthesized by Tanya Berbasova in our lab.

5.2.5 Interactions within the RNA aptamer

Helix P1 and P3 are oriented parallel to each other and a large number of helical packing

interactions are made between the two helices. The conserved, sheared GA pairs are crit-

ical for the interaction between P1 and P3. A14 makes a type II A-minor interaction with

G93 and A56 forms an imperfect type I A-minor interaction with the G93-C81 base pair.

A litany of other helical packing interactions also occur. I will describe these from the per-

spective of the P1 helix, going from 50 to 30 for each strand. In the first strand, G13 positions

A56 to make the A-minor, but does not directly participate in packing interactions with P3.
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Figure 5.5: Gel shift assays for U16 phosphorothioate-substituted (PS) riboswitches. (A)
Direct binding assay measuring ZMP affinity for WT, U16 RP PS, and U16 SP PS RNAs.
Top: representative gel shift. Bottom: Binding data fit to a hyperbolic curve. (B) Compe-
tition gel shift assay measuring AMP affinity for WT, U16 RP PS, and U16 SP PS RNAs.
Top: representative competition gel shift. Bottom: Binding data fit to a competition binding
fit, defined in the materials and methods, equations 6 and 7.
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Table 5.2: Dissociation constants for ZMP and AMP to phosphorothioate-substituted C.
bartlettii ZMP riboswitch aptamers

RNA Kd for ZMP Kd for AMP AMP Kd / ZMP Kd Fold less selective vs. WT
WT 58 ± 2 nM 83 ± 4 mM 1400 1
U16 RP PS 61 ± 3 nM 64 ± 2 mM 1000 1.4
U16 SP PS 390 ± 10 nM 70 ± 3 mM 180 8.0
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A14 is involved in the previously mentioned A-minor. The 20 hydroxyl of C15 donates a

hydrogen bond to the N7 of G83 and accepts a hydrogen bond from the N2 of G92. In the

second strand, the N2 of G53 donates a hydrogen bond to a nonbridging phosphate oxygen

on A84. The 20 hydroxyl and N2 of G54 donate hydrogen bonds to the O40 of G83 and

a nonbridging phosphate oxygen on A84, respectively. The 20 hydroxyl of G55 hydrogen

bonds to the 20 hydroxyl of C82. G55 is also involved in the sheared GA pair with A14 and

therefore plays a role in positioning A14 to form the A minor interaction. A56 is involved

in the previously discussed A minor interaction. The 20 hydroxyl of G57 donates a hydro-

gen bond to the O30 nonbridging oxygen of C94. Together, these interactions stabilize the

long-range, parallel packing between P1 and P3, which sets up the binding pocket for ZMP

at the top of the P3 helix.

Helix P2 coaxially stacks on P1 and conserved nucleotides in P2 interact with

the pseudoknot to form part of the ZMP binding pocket. There is a �97% conserved C47-

G42 base pair at the end of the P2 helix. The N4 of C47 donates a hydrogen bond to a

nonbridging phosphate oxygen of G18 in the pseudoknot. The conserved nucleotide A46

in L2 forms a type I A-minor interaction with the G17-C89 base pair in the pseudoknot.

The C47/G18 hydrogen bond and the A-minor interaction position the pro-RP nonbridging

phosphate oxygen of C47 to make the magnesium-mediated contacts to ZMP and U16.
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5.3 Discussion

This resolution does not improve on the existing structures and in fact pales in compar-

ison to the crystal structure solved by Trausch et al. to 1.80 Åresolution. However, it

does offer a distinct advantages over the other three structures. My structure of is an en-

tirely wild type sequence of the exact aptamer used by Ron Breaker’s lab for biochemical

studies [39]. This allows direct comparisons to be made between their data and my own

structure. We characterized the solution behavior of this riboswitch by gel filtration and

have shown that it exists almost exclusively as a monomer, making it ideal for future bio-

chemical experiments. Many ZMP/ZTP riboswitch aptamers suffer from their tendency

to form non-natural oligomers, with the most common form being a dimer. Examination

of the structure and consensus motif (Figure 5.4A) explains why. Stems P1 and P3 are

separated by a non-conserved linker region. Any interactions between P1 and P3 and the

formation of the pseudoknot are long-range interactions encouraged by the physical tether-

ing contributed by the linker region. The linker region must be long enough to allow this

interaction and short enough to effectively increase the probability that the two aptamer

halves will associate on a kinetic timescale, but is otherwise not important. In the con-

text of an mRNA, the pseudoknot and ribose zipper will always occur in cis. However,

in a system where the isolated aptamer exists in solution, these interactions can form in

trans as well as in cis, resulting in a non-natural dimer. The Trausch et al. structure was

solved as a dimer [166]. Solution studies I perfomed on the C. bartlettii aptamer show

that it exists mostly as a monomer immediately after transcription and that native purifi-

cation of the monomer results in a species that remains stably as a monomer in solution
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(Figure 5.6A,B). The presence of some dimer and oligomer appears after a freeze-thaw

cycle (Figure 5.6C). Gel filtration followed by multi-angle light scattering (MALS) shows

that a native purification method maintains the monomer, while a denaturing purification

followed by re-folding results in messy oligomerization, likely from interactions in trans

(Figure 5.6D,E). This construct is well-behaved in solution relative to other constructs I

tested and my crystal structure allows direct comparisons to be made between the structure

and biochemical data.

Another difference between my structure and the other three structures is the

presence of a non-conserved helix, P5. Consistent with its lack of conservation, P5 sticks

out into solution and makes no contacts with the rest of the RNA. It may assist in prop-

erly orienting the pseudoknot and the P2 helix relative to each other, although I have not

performed any experiments to test this hypothesis.

The U16 phosphorothioate substitutions implicate the binding site magnesium

ion in both ligand affinity and specificity. The ZMP/ZTP riboswitch must both bind to

ZMP/ZTP and reject AMP/ADP/ATP, which exist in millimolar concentrations in the cell.

Kim et al. demonstrated that the C. bartlettii ZMP/ZTP riboswitch does not differentiate

ligands that contain one phosphate from ligands with more than one phosphate, which is

why I will be discussing metabolite concentrations in terms of nucleotide pools [39] In-

terestingly, the dissociation constant of AMP for the wild type aptamer is about 80 mM

by competition gel shift, which is well below the concentration of adenosine nucleotides

present in the cell. I expect that in vivo, where the riboswitch is likely under kinetic con-

trol, that the adenosine nucleotide pool would need to be at a much higher concentration

to trigger the riboswitch. The U16 SP phosphorothioate substitution, which was designed
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Figure 5.6: Solution behavior of the C. bartlettii ZMP/ZTP riboswitch aptamer examined
by gel filtration. (A) UV255 nm trace of a transcription reaction run on gel filtration, where
the major peak is monomer. (B) Monomer fractions that have been incubated at room
temperature for three days, showing that the RNA remains monomeric. (C) Monomer
fractions after a freeze thaw cycle. The major species is still monomer, but there is some
oligomerization. (D) Multi-angle light scattering data for a natively-purified RNA after
a freeze thaw cycle. The UV255 nm trace is depicted in blue. Light scattering is shown in
green. Molar mass is shown in orange. (E) Multi-angle light scattering for aptamer purified
by denaturing gel and re-folded. Significant oligomerization is observed. Coloring is the
same as in part D.
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to destabilize magnesium ion binding, is 8-fold less selective than the wild type for ZMP

binding over AMP, due mainly to a decrease in ZMP affinity. The magnesium ion provides

a way for the riboswitch to increase ZMP affinity without increasing AMP affinity. During

times of folate stress, the ZMP and ZTP pool reaches low millimolar concentrations [163],

similar to that of the AMP/ADP/ATP pool concentrations [177]. The wild type exhibits

1400-fold selectivity for ZMP over AMP, which decreases to 180-fold selectivity with the

destabilization of the magnesium ion. This remaining selectivity could reasonably be ex-

plained by the two hydrogen bonds donated by N3 of ZMP to the RNA. In the case of an

adenosine nucleotide, N3 would be a hydrogen bond acceptor, not a donor. Together, these

data explain the selectivity of the riboswitch for ZMP over AMP.

The structure of the ZMP/ZTP riboswitch further demonstrates the versatility of

RNA in ligand recognition and specificity. This RNA takes advantage of a magnesium ion

in order to increase affinity for Z nucleotides, while simultaneously rejecting adenosine

nucleotides.
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6 Conclusions

Together, these data contribute to the field’s knowledge of the versatility and evolvability

of RNA structure and have implications for the RNA world theory. A significant amount of

energy in the field has been used to demonstrate that RNAs can be catalytic, which bolsters

the RNA world theory by demonstrating that RNA could be self-replicating and perform re-

actions necessary for early life. This data demonstrates that RNA is highly evolvable, which

is another requirement of the RNA hypothesis. The ykkC RNA is a particularly compelling

scaffold, since it is capable of specifically to PRPP, which is an activated form of ribose

5-phosphate that may have been used in the RNA world as a substrate for nucleotide synthe-

sis. Additionally, ykkC RNA has an exceptionally rugged functional landscape. Without

this versatility, RNAs of new functions would not arise readily from a hypothetical first

self-replicating RNA.
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7 Materials and methods

7.1 Materials and methods: guanidine-I riboswitch

7.1.1 RNA preparation and purification

Plasmids containing the ykkC RNA from Sulfobacillus acidophilus were obtained from

GeneArt at ThermoFisher Scientific. RNA was transcribed using a T7 RNA polymerase

and purified natively by gel filtration in the presence of 1 mM guanidine (Sigma Aldrich).

7.1.2 Crystallization and structure determination

RNA (130 mM) in a folding buffer (10 mM MgCl2, 10 mM KCl, 10 mM HEPES-KOH, pH

7.5, and 10 mM guanidine) was mixed 1:1 with a solution of 32% MPD, 40 mM SrCl2, 12

mM spermine, 40 mM Na-acetate, pH 4.6, and 800 mM iridium (III) hexamine. Crystals

were grown at 23�C using the microbatch-under-oil method using 2:1 paraffin:silicon oil.

Crystals appeared within 24 hours. The crystals were flash frozen in liquid nitrogen without

any further preparation.

Unbiased phases were generated using a combination of SIRAS and MAD phas-

ing. SAD data collected at the iridium hexamine peak wavelength and a native dataset were

collected at beamline 19BM at the Advanced Photon Source (APS). Three-wavelength

MAD data were collected at beamline 8.2.2 at the Advanced Light Source (Berkeley, CA).

Data were processed using HKL2000. Phenix AutoSol was used to locate heavy atom sites

and to generate initial phases with both the SIRAS data and the MAD data. Three iridium

sites were located with AutoSol and verified using anomalous difference Fourier methods.
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Model building was done in Coot. Refmac and Phenix Refine were used for refinement.

Each strontium site was identified by first modeling a magnesium ion and then using dif-

ference Fourier methods to determine if density was still unaccounted for. Figures of the

crystal structure were made in PyMol.

7.1.3 Kd determination of RNAs by equilibrium dialysis

Natively purified RNAs were buffer exchanged into an RNA-folding solution containing

50 mM HEPES-KOH, pH 7.5, 200 mM KCl, and 20 mM MgCl2. The RNA and trace

amounts of [14C]-guanidine-HCl (Moravek Biochemicals) were added to separate sides of a

10,000 MWCO Dispo Equilibrium Dialyzer from Harvard Apparatus and were equilibrated

overnight at room temperature. The amount of [14C]-guanidine on each side of the dialysis

membrane was determined by scintillation counting in Ultima Gold on a PerkinElmer Tri-

Carb 4910 TR scintillation counter. The fraction bound was determined by the following

equation:

Fraction bound =
cpm on RNA side� cpm on ligand side

cpm on RNA side
(1)

The data were fit in GraphPad Prism to the following equation:

F =
Bmax ⇤X
Kd +X

(2)

where F= fraction bound, Bmax= fraction bound at saturation, and X= riboswitch concen-

tration. For mutants that did not reach saturation over the riboswitch concentrations tested,
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Bmax was fixed at 1.0, in agreement with the Bmax of the wild type and crystallization con-

structs.
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7.2 Materials and methods: PRPP and ppGpp riboswitches

7.2.1 RNA Transcription and Purification

RNA was prepared essentially as in Reiss et al.8 Plasmids containing ykkC PRPP ri-

boswitch DNA from T. mathranii downstream of the T7 promoter were obtained from Ge-

neArt at Thermo Fisher Scientific. The aptamer domain was extended at the 50 end by one

nucleotide to aid transcription by T7 polymerase [178]. Plasmid DNA was prepared using a

QIAgen MaxiPrep kit and the accuracy of the sequence was verified using Sanger sequenc-

ing [179]. Template DNA for transcription was made using PCR with Phusion polymerase.

Template was purified using the Zymo Research DNA Clean and Concentrator 500 kit.

RNA was transcribed from 20 ng/mL PCR template using T7 polymerase in the

presence of 80 mM HEPES-Na pH 7.5, 5 mM DTT, 1 mM spermidine, 0.12 mg/mL bovine

serum albumin, 6 mM NTPs, 44 mM MgCl2, and 1 U/nL inorganic pyrophosphatase [180].

Transcription reactions proceeded for approximately 4 hours at 37�C. Monomeric RNA

was exchanged into gel filtration buffer (50 mM MES pH 6.2-6.3, 100 mM KCl, 10 mM

MgCl2), filtered, and purified natively on a HiLoad 26/600 Superdex 75 pg gel filtration

column in a cold room (6 ± 2�C). Monomers eluted at ca. 0.6 column volume, and were

pooled and concentrated to greater than 100 mM.

7.2.2 Crystallization and structure determination of the wild-type aptamer

Crystals were grown using the microbatch-under-oil method with 2:1 paraffin:silicon oil.

In all cases, crystals appeared within two days. Initial crystallization screening was per-

formed using Hampton Research Natrix HT at 23�C and 30�C. To produce the wild type
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crystals used for data collection, 2 mL of 150 mM RNA in 10 mM MgCl2, 10 mM KCl,

10 mM HEPES-KOH pH 7.5, and 10 mM PRPP was mixed with 1 uL of a solution of

80 mM sodium chloride, 20 mM barium chloride dihydrate, 40 mM sodium cacodylate

trihydrate pH 5.6, 45% v/v (+/-)-2-methyl-2,4-pentanediol (MPD), and 12 mM spermine

tetrahydrochloride and incubated at 30�C. To produce the G96A crystals, 150 mM RNA in

10 mM MgCl2, 10 mM KCl, 10 mM HEPES-KOH pH 7.5, and 1 mM ppGpp was mixed

a solution of 80 mM sodium chloride, 40 mM sodium cacodylate, pH 7.0, 30% MPD, and

12 mM spermine (1 mL RNA solution plus 0.8 mL reagent) and incubated at 23�C.

Crystals were flash-frozen without further preparation. For the wild type aptamer,

a solution was generated using molecular replacement with the ykkC guanidine riboswitch

as an initial model (PDB ID: 5T83)8. For the G96A mutant, a solution was generated using

molecular replacement with chain A of the PRPP riboswitch structure presented in this

study as an initial model. Data were processed using HKL-2000 [181]. Model building

was performed in Coot [182].

The wild type aptamer crystallized in space group P21 with two molecules present

in the asymmetric unit. Discussion is for the most part limited to chain A as there is better

structural information for this entity than for chain B. The first component modeled was

the RNA. Further unaccounted-for electron density was assigned to metal ions and water

molecules. This process yielded a structure in which one significant area of electron density

in each chain was unaccounted for. One molecule of PRPP and its two associated metal

ions fit well in this area of density.

The G96A aptamer crystallized in space group P1 with four molecules in the

asymmetric unit. Discussion in the manuscript is limited to chains A-C, due to chain D
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yielding generally poorer density. Overall, chain D is consistent with chains A-C, but

more subject to error in individual atom positions. Regions disagreeing with the wild type

(mainly in the S-turn) were deleted and re-modeled. Very large s peaks in the difference

Fourier map, corresponding to the very electron dense pyrophosphate moieties of ppGpp,

were used to identify the ppGpp binding pocket.

Refinement of the two structures was performed with Refmac and Phenix [183;

184]. Refinement was concluded when no more entities could be modeled into the electron

density and computational refinement ceased to produce improvements in Rwork and Rfree.

Metal ions were identified by first modeling a magnesium ion and evaluating coordination

geometry, B factors, and unaccounted-for density using difference Fourier methods, fol-

lowed by reassignment where appropriate. The figures of the crystal structure were made

in PyMOL [185]. The ligand interaction map was made in ChemDraw.

7.2.3 Synthesis of (b-33P) PRPP and determination of the dissociation constant of the

PRPP-aptamer complex

(b-33P) PRPP was synthesized using E. coli ribose-phosphate pyrophosphokinase (RPPK)

obtained from Abbexa. 17.7 mg/mL RPPK was incubated at 37�C for two hours in the

presence of 50 mM potassium phosphate dibasic pH 8, 10 mM ribose 5-phosphate, 5 mM

MgCl2, and trace quantities of (b-33P) ATP [186]. PRPP and ATP were separated on a

native 20% acrylamide gel at 4�C and PRPP was eluted overnight in 400 mL dH2O at 4�C.
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7.2.4 Purification of SAS1 for synthesis of ppGpp

SAS1 enzyme was expressed and purified based on the protocol in Steinchen et al [187].

Briefly, the SAS1 protein from B. subtilis was amplified by colony PCR, cloned into a

pET-28aM vector, and transformed into E. coli BL21(DE3) cells. A 15 mL starter culture

was used to inoculate 1.5L Terrific Broth plus 50 mg/mL kanamycin and grown at 37�C. At

OD600 about 0.8, expression was induced with 0.5 mM IPTG and the culture was shaken

overnight at 18�C. Cells were then pelleted and lysed using a microfluidizer (lysis buffer:

50 mM Tris, pH 8.0, 300 mM NaCl, 20 mM imidazole, 20 mM MgCl2, 20 mM KCl) and

the lysate was run on a nickel column. The protein was eluted from the column with 400

mM imidazole (elution buffer: 50 mM Tris, pH 8.0, 400 mM NaCl, 400 mM imidazole,

0.2 mM TCEP). A band running between 25 and 30 kDa was seen on an SDS-PAGE gel,

indicating SAS1 was successfully eluted. The eluted protein was diluted in 50 mM Tris, pH

8.0 and run on a Q column (HiTrap Q column, 5 mL) to remove contaminants. Finally, the

Q column fractions were pooled and run on a gel filtration column (Superdex 200, running

buffer: 20 mM HEPES-Na, pH 7.5, 200 mM NaCl, 20 mM KCl, 20 mM MgCl2), and a

peak eluted consistent with the relevant tetrameric assembly of the protein. The protein

was concentrated and frozen at -80�C in aliquots for storage.

7.2.5 Synthesis and purification of ppGpp

The SAS1 protein accepts GDP (or GTP) and ATP as substrates and catalyzes the transfer of

the g and b phosphates from ATP onto the 30 end of GDP or GTP to form ppGpp or pppGpp,

respectively. To make unlabeled ppGpp for crystallography, a reaction setup based on the
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protocol of Steinchen et al [187] was used. Briefly, 5 mM GDP, 5 mM ATP, and 5 mM SAS1

were combined in reaction buffer (100 mM HEPES-Na, pH 7.5, 200 mM NaCl, 20 mM

MgCl2, and 20 mM KCl) and incubated at 37�C for two hours. A chloroform extraction

was performed to remove SAS1, followed by 10-fold dilution in ddH2O and purification

by Q column (HiTrap Q HP, 5 mL column volume), where buffer A (10 mM HEPES-

KOH, pH 7.5) was used to bind nucleotides to the column and a gradient of buffer B (2

M NaCl) was used to elute the nucleotides. Nucleotides eluted from the column such that

the number of phosphates positively correlated with %B. ppGpp eluted last at about 15%

buffer B (approximately 300 mM NaCl). ppGpp was then precipitated by lithium chloride

(LiCl) precipitation. Eluate from the Q column was brought to 1 M LiCl, 4 volumes of

ethanol were added, and the tubes were frozen at -20�C before centrifuging at 6000 rpm

in an Eppendorf F-45-18-11 fixed-angle centrifuge rotor at 4�C for 10 min to pellet the

precipitate. The supernatant was discarded and the pellet was washed twice with cold (-

20�C) ethanol, repeating the freezing and pelleting steps between each wash step. After

pouring off the ethanol of the final wash, pellets were completely dried. A dry, white

powder resulted. Concentration was calculated by measuring UV absorbance at 252 nm

(e252 = 13600 L mol-1 cm-1).

7.2.6 Synthesis and purification of [30-b-32P]-ppGpp

A reaction mixture resembling that in the previous section was made, substituting 5 mM

ATP for 150 mCi [g-32P]-ATP (Perkin Elmer). [30-b-32P]-ppGpp was purified using a 20%

denaturing polyacrylamide gel to separate it from [g-32P]-ATP. The band was soaked in 300

mL ddH2O overnight at 4�C. The gel slice was then filtered off and the solution containing
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[30-b-32P]-ppGpp was frozen at -20�C for use in binding assays.

7.2.7 Determination of dissociation constants by equilibrium dialysis

The dissociation constant of the PRPP-RNA and ppGpp-RNA complexes were determined

by equilibrium dialysis using cassettes with a 10 kDa cutoff obtained from Harvard Ap-

paratus, essentially as in Reiss et al [80]. Trace quantities of radiolabeled ligand were

dissolved in equilibrium dialysis buffer (50 mM HEPES-KOH, pH 7.5, 200 mM KCl, 20

mM MgCl2) and were added to one side of the cassette, while varying concentrations of

RNA dissolved in the same buffer were added to the other side of the cassette. The cassettes

were incubated at room temperature overnight with gentle shaking and recovered by cen-

trifugation. For ppGpp, which experiences negligible amounts of degradation overnight,

20 mL of the recovered material was directly subjected to scintillation counting. For PRPP,

10 mL of the recovered material was subjected to scintillation counting, while another 10

mL was electrophoresed on a denaturing 20% acrylamide gel containing 7.5 M urea. The

latter step allowed determination of the amount of PRPP remaining in each sample after

overnight incubation at room temperature in the presence of magnesium. The fraction of

ligand bound in each cassette was determined using the following equation:

Fraction bound =
cpm on RNA side� cpm on ligand side

cpm on RNA side
(3)
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The data were fit in GraphPad Prism to the following equation:

F =
Bmax ⇤X
Kd +X

(4)

where F= fraction bound, Bmax= fraction bound at saturation, and X= riboswitch concentra-

tion. For constructs that did not reach saturation over the riboswitch concentrations tested,

Bmax was fixed to 0.9564 for binding assays performed with [33P]-PRPP or 0.9761 for for

binding assays performed with [32P]-ppGpp. These were the Bmax values obtained under

conditions where saturation was reached with the same ligand.

7.2.8 Secondary structure prediction

Secondary structure predictions were obtained from RNAstructure using the default set-

tings [188]. NCBI Reference Sequence NC 014209.1, location 657681 to 657861 was

used for the sequence of the aptamer and expression platform. The secondary structure

deemed most likely by the program was used for interpretation.
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7.3 Materials and methods: guanidine-II riboswitch

7.3.1 RNA preparation

Unmodified RNA was purchased from Sigma Aldrich. RNA containing a single 5-bromouridine

at position 14 was purchased from Dharmacon. All synthesized RNAs were purified by de-

naturing polyacrylamide gel electrophoresis.

7.3.2 Crystallization

Crystallization was performed using the microbatch-under-oil method with a 2:1 paraf-

fin:silicon oil overlay. 200 mM P. aeruginosa P2 hairpin RNA in crystallization buffer (10

mM MgCl2, 10 mM KCl, 10 mM HEPES-KOH, pH 7.5, and 40 mM guanidine) was mixed

in a 1:1 ratio with crystallization reagent 1 for the 5-bromoU modified RNA (45% MPD,

50 mM MES, pH 5.6, 4 mM NaCl, 40 mM KCl, and 12 mM spermine) or crystalliza-

tion reagent 2 for the unmodified RNA (40% MPD, 50 mM Na-acetate, pH 5.0, 12 mM

NaCl, 80 mM KCl, and 12 mM spermine). Crystals appeared overnight at 23�C. Crystals

were flash frozen in liquid nitrogen without further preparation, since 40-45% MPD is a

cryoprotectant.

7.3.3 Structure determination

Unbiased phases were obtained by single wavelength anomalous diffraction (SAD) phas-

ing. SAD data were collected at the peak wavelength for the bromine K edge at beamline

24-ID-C at the Advanced Photon Source (APS). Data were indexed, integrated, and scaled

using HKL2000. The SHELXC/D/E suite was used to evaluate anomalous signal, locate
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heavy atoms, and obtain the unbiased phases. Four bromine sites were identified, indicat-

ing four molecules in the asymmetric unit and allowing us to orient molecules within the

density. Model building was performed in Coot. Refmac5 and phenix.refine were used

for refinement. Rfree test sets were matched between the derivative and native datasets to

prevent bias. Figures of the crystal structure were made using open source PyMol.

7.3.4 Gel shift of P. aeruginosa P1 hairpin

Deprotected P. aeruginosa P1 hairpins from Sigma Aldrich were 50-end labeled using

polynucleotide kinase and [g-32P]-ATP at 37�C for 1 hour. Labeled RNA was purified

by 20% denaturing PAGE (7.5 M urea), followed by band excision and elution overnight

into ddH2O. Trace labeled RNA was used for the gel shifts. Unlabeled, deprotected P.

aeruginosa P1 hairpin was titrated into trace labeled RNA at the following concentrations:

0 mM, 6.25 mM,12.5 mM, 25 mM, 50 mM, 100 mM, and 200 mM. The final gel shift mix-

tures consisted of trace [32P]-P1 hairpin, varied cold P1 hairpin, 1X gel shift buffer (50 mM

HEPES-KOH, pH 7.5, 200 mM KCl, 10 mM MgCl2) and 1X sucrose loading dye. One

additional condition was set up, identical to the 200 mM cold RNA condition, but with 10

mM guanidine added. These tubes were equilibrated overnight at room temperature. The

next day, samples were electrophoresed on a 12% native polyacrylamide gel at 4�C for

approximately 1 hour at 20 watts, with buffer recirculation every 20 minutes. The gel and

running buffer both contained 10 mM MgCl2. The gel was then dried under vacuum and

exposed to a phosphor screen overnight. The screen was then phosphorimaged.
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7.3.5 Accession number

Coordinates for the guanidine-II riboswitch have been deposited in the protein data bank

(PDB) under accession codes 5VJ9 (native) and 5VJB (5-BrU). There are four molecules

(two dimers) in the asymmetric unit.
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7.4 Materials and methods: ZMP/ZTP riboswitch

7.4.1 RNA preparation and purification

Plasmids containing the ykkC RNA from C. bartlettii were created using primer extension

to generate the insert, followed by restriction digestion and cloning into a pUC19 vector.

Large-scale PCR was used to generate the template for transcription. RNA was transcribed

using a T7 RNA polymerase and purified natively by gel filtration on a HiLoad 26/60

Superdex 75 pg column using an NGC chromatography system from Bio-Rad.

7.4.2 Crystallization and structure determination

RNA (100 mM) in a folding buffer (10 mM MgCl2, 10 mM KCl, 10 mM HEPES-KOH,

pH 7.5, and 250 mM ZMP) was mixed 1:1 with a solution of 23% PEG 400, 50 mM

MES, pH 5.2, 100 mM MgSO4, and 400 mM KCl. Crystals were grown at 30�C using

the microbatch-under-oil method using 2:1 paraffin:silicon oil. The crystals were flash

frozen in liquid nitrogen without any further preparation.

A native dataset was collected at beamline 14-1 at the Stanford Synchrotron Ra-

diation Lightsource (SSRL). Data were processed using HKL2000. Refmac was used

to perform molecular replacement using PDB ID 4XWF as a model [166]. Refmac and

phenix.refine were used for refinement. To avoid significant bias from the original model,

once I had built a complete model, I deleted and re-built the entire RNA section-by-section.

Figures of the crystal structure were made in PyMol.
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7.4.3 Synthesis and purification of [32P]-ZMP

Adenosine kinase was purchased from R & D systems. 16 mM AICAr (the ribonucleoside

version of Z) was incubated with 0.07 mg/mL adenosine kinase and 25 pmol (150 mCi)

[g-32]-ATP in a buffer containing 25 mM HEPES, pH 7.0, 150 mM NaCl, 10 mM MgCl2,

and 10 mM CaCl2 overnight at 37�C. Radiolabeled ZMP was separated from remaining

radiolabeled ATP on a 20% polyacrylamide gel with 8 M urea, run at 30 watts for 1 hour at

room temperature. The band was visualized by autoradiography, excised, and eluted into

300 mL of ddH2O overnight at 4�C.

7.4.4 Creation of phosphorothioate-substituted RNAs

An RNA oligonucleotide (nts -1 through 19 of the ZMP/ZTP riboswitch aptamer from C.

bartlettii) was ordered from Dharmacon with a phosphorothioate substitution at position

U16. The RP and SP diastereomers were separated by reversed-phase HPLC on a Phe-

nomenex Luna 5mm C18(2) column (100 Åpore size, 250 x 4.6 mm). The mobile phase

was 0.1 M ammonium acetate, pH 6.0 with an increasing gradient of acetonitrile to elute

the oligonucleotides. The diastereomers eluted as separate peaks (first the RP, then the SP)

between 6.0% and 8.0% acetonitrile. Fractions corresponding to the peaks were collected,

lyophilized to dryness, and resuspended in ddH2O. These RNAs were the 50 components

of the ligation.

The remaining, non-phosphorothioate-containing portion of the aptamer was made

by in vitro transcription with 20 mM GMP added. T7 RNA polymerase can use GMP or

GTP to initiate transcription [189]. Addition of 20 mM GMP resulted in a transcription
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product with mostly monophosphate on the 50 end rather than triphosphate. This RNA was

purified by 8% denaturing PAGE (7.5 M urea). A band of appropriate size was excised,

crushed and soaked overnight in 300 mM sodium acetate, pH 5.3, and gel slice was filtered

off the next morning. An ethanol precipitation was performed (2.5 volumes 200 proof

ethanol added, frozen at -80�C for 30 min, spun at 9250 rpm at 4�C for 30 minutes) and

the pellet was dried and resuspended in ddH2O. This RNA was the 30 component of the

ligation.

Annealing mixtures were made containing 9 mM 50 component (oxy, U16 RP

thiosubstituted, or U16 SP thiosubstituted, 9 mM DNA splint, 10 mM 30 component, 1X T4

RNA ligase 2 buffer (50 mM Tris-HCl, 2 mM MgCl2, 1 mM DTT, 400 mM ATP, pH 7.5),

and 160 mM sodium chloride. These mixtures were heated to 90�C for 5 minutes and slow-

cooled to room temperature. Once cooled, 10 U T4 RNA ligase 2 (New England BioLabs)

was added and the reactions were incubated overnight at room temperature (approximately

23�). Full length ligation product was separated by 12% denaturing PAGE (7.5 M urea).

This band was excised, crushed and soaked overnight in 300 mM sodium acetate, pH 5.3,

and gel slice was filtered off the next morning. An ethanol precipitation was performed

(2.5 volumes 200 proof ethanol added, frozen at -80�C for 30 min, spun at 9250 rpm at 4�C

for 30 minutes) and the pellet was dried and resuspended in ddH2O.

7.4.5 Kd determination of RNAs for ZMP by gel shift

Natively purified RNAs were buffer exchanged into an RNA-folding solution containing

50 mM HEPES-KOH, pH 7.5, 200 mM KCl, and 10 mM MgCl2. Varied concentrations of

RNA were mixed with trace quantities of [32P]-ZMP and a 1X sucrose loading dye contain-
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ing xylene cyanol and bromophenol blue. These tubes were equilibrated overnight at room

temperature. The next day, samples were electrophoresed on a 12% native polyacrylamide

gel at 4�C for approximately one hour, with buffer recirculation every 20 minutes. The gel

and running buffer both contained 10 mM MgCl2. The gel was then dried under vacuum

and exposed to a phosphor screen overnight. The screen was then phosphorimaged and

ImageQuant was used to quantify the intensity of the upper and lower bands (RNA-ligand

complex and free ligand, respectively). The fraction bound was determined by the fraction

of intensity in the top band. The data were fit in GraphPad Prism to the following equation:

F =
Bmax ⇤X
Kd +X

(5)

where F= fraction bound, Bmax = fraction bound at saturation, and X= riboswitch concen-

tration. Bmax was always allowed to float.

7.4.6 Kd determination of RNAs for AMP by competition gel shift

Samples were prepared essentially as the in the previous section, except for the following

things: (1) RNA was kept at a constant concentration corresponding to approximately 70-

80% bound (150 nM for WT and RP, 1.5 mM for SP) and (2) cold AMP was added in

increasing concentrations. The fraction bound was determined by the fraction of intensity

in the top band. The data were fit in GraphPad Prism to equation 7. b is defined in equation

6.

b =
KdZ +KdZ ⇤X
Kdcomp +R + CZ

(6)

125



Y = F + (
F0

2 ⇤ CZ
) ⇤ 2

p
b� b2 � 4 ⇤R ⇤ CZ (7)

where KdZ = dissociation constant of RNA construct for ZMP, X = competitor

concentration, Kdcomp = dissociation constant of RNA construct for competitor, R = ri-

boswitch concentration, CZ = radiolabeled ZMP concentration, F = fraction bound, and

F0 = fraction bound at zero competitor.
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8 Appendix

8.1 RNA sequences

Sulfobacillus acidophilus native guanidine-I riboswitch aptamer

50 - GUCUAAAGUUUGCUAGGGUUCCGCUAGAUACUAGGUCUGGUCCAAGAG

CA AACGGCUUUCACAAAGCCACACGGAAGGAUAAAAGCCUGGGAGAU-30

Sulfobacillus acidophilus guanidine-I riboswitch aptamer with engineered tandem GU

iridium (III) hexammine binding site

50 - GUCUAAAGUUUGCUAGGGUUCCGCGUCAUAGGUGGUCUGGUCCAAGAG

CA AACGGCUUUCACAAAGCCACACGGAAGGAUAAAAGCCUGGGAGAU-30

Thermoanaerobacter mathranii PRPP riboswitch aptamer

50 - GUGAAAGUGUACCUAGGGUUCCAGCCUAUUUGUAGGUGUUCGGACCGA

GCGGUACAGGUAUAUUUUUAUAUACCACACCUUAGGGACAAAAGCCCGGG

AGGAUAGGUUUCACUCGUA-30

Thermoanaerobacter mathranii G96A ppGpp aptamer

50 - GUGAAAGUGUACCUAGGGUUCCAGCCUAUUUGUAGGUGUUCGGACCGA

GCGGUACAGGUAUAUUUUUAUAUACCACACCUUAGGGACAAAAGCCCGAG

AGGAUAGGUUUCACUCGUA-30
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Pseudomonas aeruginosa full length mini-ykkC

50 - GGAAGCGGGACGACCCGUUUUCCCUCUUUCAUUGCGCGGGGACGACCCUGC

- 30

Pseudomonas aeruginosa mini-ykkC 6 bp P1 hairpin

50 - AGCGGGACGACCCGUU - 30

Pseudomonas aeruginosa mini-ykkC P2 hairpin

50 - GCGGGGACGACCCUGC - 30

Pseudomonas aeruginosa mini-ykkC P2 hairpin with 5-bromoU substitution

50 - GCGGGGACGACCC(5-BrU)GC - 30

Clostridium bartlettii riboswitch aptamer

50-GGAAAUGGUCAAGUGACUGGUGGAAACAUCAAAAGAUGCGUAGGAUAAC

CUACAGGGAGCUUGAUUAUAUAUUUAGAAAUUGCCGACCGCCUGGGCACG

UAUG-30

Clostridium bartlettii U16 phosphorothioate oligonucleotide, nt -1 through 19, 50 side

of ligation

50 - GGAAAUGGUCAAGUGAC(*U)GGU - 30
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Clostridium bartlettii oligonucleotide, nt 20 through 101, 30 side of ligation

50-GGAAACAUCAAAAGAUGCGUAGGAUAACCUACAGGGAGCUUGAUUAUAU

AUUUAGAAAUUGCCGACCGCCUGGGCACGUAUG-30

8.2 Protein sequences

Bacillus subtilis, SAS1 enzyme

N terminus - MMDDKQWERFLVPYRQAVEELKVKLKGIRTLYEYEDDHSPIEFVTG

RVKPVASILEKARRKSIPLHEIETMQDIAGLRIMCQFVDDIQIVKEMLFARKDFTV

VDQRDYIAEHKESGYRSYHLVVLYPLQTVSGEKHVLVEIQIRTLAMNFWATIEHS

LNYKYSGNIPEKVKLRLQRASEAASRLDEEMSEIRGEVQEAQAAFSRKKKGSEQ

Q - C terminus
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